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”All things by immortal power,
Near or far,
Hiddenly
To each other linked are,
That thou canst not stir a ﬂower
Without troubling of a star.”
-Francis G. Thompson
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ABSTRACT
Mikolaj, Melissa R. Ph.D., Purdue University, May 2018. Examination of Alphavirus
Membrane Modiﬁcations in Large Areas of Mammalian and Mosquito Cells. Major
Professor: Jason K. Lanman.
All of the known positive-sense RNA viruses cause alterations to the membranes
of their host cells. These modiﬁcations are thought to be involved in replication
and assembly of the viruses. Alphaviruses are a genus of viruses that can elicit
the formation of two distinct membrane structures, which are derived from the host
cell membranes. These structures are referred to as cytopathic vacuole 1s (CPV1s) and 2s (CPV-2s). CPV-1 generally form early during infection and are typiﬁed
as vacuoles that contain small (approx. 50 nm in diameter) invaginations that are
contiguous with the cytoplasm termed spherules and are the sites of viral replication.
CPV-2s occur later during infection and are associated with assembly and egress of
the nucleocapsids (NCs) out of the cell. Morphologically they appear as vacuoles
with NCs around the cytoplasmic face of their membranes and are associated with
glycoprotein transport. A large portion of this work is understanding the variability
of these structures with various alphaviruses and with diﬀerent cell types, as well as,
examining them at diﬀerent levels of resolution.
In this work large areas of an alphavirus-infected, speciﬁcally vaccine-strain Chikungunya virus (CHIKV), mammalian cells with high levels of induced CPV-2 structures were imaged in three-dimensions (3D) through large-area electron tomography
(ET). From the 3D volume, qualitative and quantitative data was derived from the
CPV-2 membrane structures. Two diﬀerent types of CPV-2s were identiﬁed: singlemembraned (SM-CPV2s) and double-membraned (DM-CPV2s). The DM-CPV2s
also had NCs inside which were bound to the inner leaﬂet of the inner membrane.

xvii
Measurements such as surface area and volume indicated that a portion of the SMCPV2s may be able to transition into DM-CPV2s. Additionally, these structures
appeared to be derived from highly modiﬁed Golgi that had altered morphology from
what is seen in uninfected cells. All of this suggested a model where the Golgi stacks
start breaking down their native structure, NCs interact with the resulting remnants
of Golgi and depending on the size and shape of the starting piece form into SMCPV2s. After forming the SM-CPV2s a subset are have enough NC interactions to
cause membrane curvature and also enough membrane to form into a DM-CPV2s.
The DM-CPV2s are then traﬃcked to the plasma membrane where they expel their
contents and deposit glycoproteins and NCs onto the plasma membrane.
Since alphaviruses are arboviruses the membranous alphavirus formations were
examined in the context of a mosquito (Aedes albopictus) cell infection in three different cell subclones (C6/36, C7-10, and U4.4). This examination was done through
the use of the correlative light and electron microscopy (CLEM) technique to target only those cells that were infected with a ﬂuorophore bearing Sindbis virus in
nsP3 (SINV-mCherry), saving time during EM screening. Spherules were observed
dispersed among internal vesicles for every cell line and in some cases looked morphologically similar to CPV-1s observed in mammalian cells. Additionally, a CPV-1
structure was observed in U4.4 cells for the ﬁrst time indicating that these structures
form in the insect as well since this cells have been characterized as the most similar
to the actual mosquito. Internal vacuoles were also observed that were ﬁlled with viral particles that were assumed to have budded into the vacuole. Vacuoles were also
observed that contained both spherules and budded viral particles, suggesting that
in mosquito cells replication and assembly may be more linked than in mammalian
cells.
The last chapter involves the collection of an entire whole BHK cell infected with
Sindbis virus (SINV). This procedure was undertaken to establish how a cell of this
size could be imaged through serial-section ET and to hopefully establish globally
spatial relationships among organelles (ER, mitochondria, etc.) during an alphavirus

xviii
infection. Steps and pitfalls in the process are addressed. However, the produced
volume proved too noisy for a timely analysis. With the aim of producing a dataset
with better contrast and resolution, an experiment with scanning transmission electron microscopy (STEM) was conducted. With this alternative imaging not only were
vacuoles with spherules able to be observed, but the NCs as well while still having
the entire cell in the ﬁeld of view.

1

1. INTRODUCTION
Alphaviruses are well distributed throughout the world and represent a group of
approximately 31 viruses to date that have been divided phylogenetically into eight
groups (Figure 1.1) [1,2]. Alphaviruses are arboviruses meaning that they have transmission cycles that involve arthropod vectors (typically mosquitoes) and vertebrate
hosts such as birds, humans, and other mammals [3]. Geographically these viruses
have been found on all continents, even Antarctica [4]. These viruses have historically been divided into two geographically separate groups, the old world alphaviruses
and the new world alphaviruses [1, 5, 6]. The majority of old world alphaviruses like
Semliki Forest virus (SFV) and Sindbis virus (SINV) cause mild disease with fever,
rash, and arthritis in vertebrates, but can have high morbidity [7]. These viruses
are also the most well studied. Other old world viruses like Ross River virus (RRV),
Mayaro virus (MAYV), and Chikungunya virus (CHIKV) can cause severe arthralgia
syndrome [8–10].
The new world alphaviruses are more virulent and can cause severe neurological
symptoms such as encephalitis [11]. Members of this group include Eastern (EEEV),
Western (WEEV), and Venezuelan equine encephalitis viruses (VEEV), all of which
can cause encephalitic disease in humans and animals like horses [12]. In addition,
there are no clinically available inhibitors or vaccines for the treatment of alphaviruses
of either geographical group. Alphaviruses have the potential to cause epidemics if the
conditions are appropriate. Both groups diﬀer from each other in how they interact
with their cellular hosts and thus may perform their replicative stages in diﬀerent
ways [13, 14].
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Fig. 1.1. The geographical distribution of Alphaviruses. Alphaviruses
are found on all of the continents. Those that cause mostly arthritis are colored in red and those that primarily cause encephalitis are
shown in orange. Those in black either have unknown symptoms
or are asymptomatic. It should be noted that some viruses, like
CHIKV, can be both arthrogenic and encephalitic depending on the
viral strain. Virus abbreviations: AURAV, Aura virus; BFV, Barmah
Forest virus; CHIKV, Chikungunya virus; EEEV, Eastern Equine Encephalitis virus; FMV, Fort Morgan virus; HJV, Highlands J virus;
MAYV, Mayaro virus; MIDV, Middelburg virus; MUCV, Mucambo
virus; NDUV, Ndumu virus; ONNV, O’nyong nyong virus; RRV, Ross
River virus; SFV, Semliki Forest virus; SINV, Sindbis virus; VEEV,
Venezuelan Equine Encephalitis virus; WEEV, Western Equine Encephalitis virus; WHAV, Whataroa virus.
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1.1

Alphaviruses
Alphaviruses are from the viral family Togaviridae. The family Togaviridae has

two genera: Alphavirus and Rubivirus. Rubella virus is the only member of the
Rubivirus genus. These viruses are characterized as single-stranded positive RNA
viruses that have a host-derived lipid envelope with trimeric spikes of glycoprotein
heterodimers protruding through. The viruses have T = 4 icosahedral symmetry and
form regular spherical virions that are approximately 65 - 70 nm in diameter [15–17].
Underneath the outer protein shell of host-derived lipids and viral glycoproteins
lies the inner protein shell of the nucleocapsid core, consisting of 240 capsid proteins arranged in icosahedral symmetry and a single-stranded (ssRNA) positive RNA
genome. Each of these layers has been observed in 3D image reconstructions of mature virus [15, 17]. The alphaviruses are classiﬁed into seven antigenic complexes [6].
The majority of alphaviruses are transmitted by mosquito vectors, but there are
alphaviruses that are transmitted by other arthropod vectors, like the Salmonid alphaviruses or the Elephant seal alphaviruses [4, 18]. In invertebrates, an asymptomatic persistent infection occurs, whereas in vertebrates the infection progresses to
the eventual lysis of the host cell.

1.2

Alphavirus Genome and Organization
The positive-sense RNA genome of alphaviruses is approximately 11 - 12 kb in

length [3]. The viral genome has a 5’-methylguanylated cap which allows the genome,
upon entry to the cell, to act as messenger RNA, as well as a polyadenylated tail [19].
There are two open reading frames (ORF) in the alphavirus genome: one that codes
for the four nonstructural proteins that are involved in the production of the viral
ssRNA genome and the other open reading frame codes for the structural proteins
from a subgenomic promoter. The nonstructural proteins are mostly responsible
for replication of the viral genome and the subgenome. The structural proteins are
involved in forming the virion (containing the viral genome) for transmission of the
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virus to other cells and hosts. The genome and the protein products are depicted in
Figure 1.2 and are based on the CHIKV genome numbering.

Fig. 1.2. Depiction of alphavirus positive-sense monopartite RNA
genome. The genome has a 5’ methyl cap and is polyadenylated at
the 3’ tail and functions as mRNA to the host translational machinery. Nucleotide and amino acid numbers are based on the CHIKV
genome. The ﬁrst ORF is translated early during infection to produce
the nonstructural polyprotein. The individual nonstructural proteins
are cleaved by the nsP2 protease. Nonstructural proteins are mostly
responsible for genome replication but may have other functions as
well. The second ORF is produced later in infection to produce the
structural polyprotein. The capsid protein autocleaves itself from the
polyprotein and remains in the cytoplasm. The remaining structural
proteins go through protein folding and side chain modiﬁcation by
way of the secretory pathway. The structural proteins once organized
together will form the ﬁnal viral particle.
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1.3

Alphavirus proteins

1.3.1

Nonstructural proteins

Since the genome is positive-sense, the nonstructural proteins are directly translated by host ribosomes upon uncoating of the viral particle and release of the genome.
These proteins are translated from the ﬁrst ORF in the alphavirus genome. The four
nonstructural proteins are initially translated as one of two polyproteins (P123 or
P1234) in the following order: nonstructural protein 1 (nsP1), nonstructural protein 2 (nsP2), nonstructural protein 3 (nsP3), and nonstructural protein 4 (nsP4).
The second ORF, P1234, is expressed through a read-through an opal termination
codon [20].
The nonstructural proteins can function in the polyprotein as well as the cleaved
ﬁnal protein products. There are cleavage intermediates of the nonstructural polyprotein that may have roles in regulating RNA synthesis. nsP2 functions as a protease
to cleave the P3/4 junction and the P1/2 junction to form P123 + nsP4 and nsP1 +
P23 + nsP4 which preferentially synthesize negative strand viral RNA [21–23]. The
last cleavage of P23 produces fully separated nonstructural proteins and is thought
to switch RNA synthesis to the positive-sense genome and subgenome [20]. Additionally, nonstructural proteins also interact individually with numerous cellular proteins
to mediate many aspects of the interactions between the virus and host.

nsP1
The protein nsP1 has two primary functions (Figure 1.3). The N-terminal domain
has Rossmann-like methyltransferase (MTase) motifs and guanylyltransferase motifs
(GTase) that function in the addition of a 5’ cap to the viral genomic and subgenomic
RNAs during replication [24–27]. The capping mechanism occurs in a diﬀerent sequence from what is seen in eukaryotes. In eukaryotes, methylation occurs after the
transfer of a guanylate moiety to the substrate RNA, but with nsP1 the methylation
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occurs before the transfer of the 5’ cap to the substrate RNA [28]. Depending on the
alphavirus, association with lipids may (in the case of SFV) or may not (in the case
of SINV) be required for nsP1 to function enzymatically [29, 30].

Fig. 1.3. Depiction of nsP1 domain structure. nsP1 is approximately 60 kDa. MTase indicates methyltransferase and GTase indicates guanylyltransferase.

Additionally, the other primary function of nsP1 is to associate with host cell
membranes through a central amphipathic helix and palmitoylation [29, 31, 32]. nsP1
does not contain any transmembrane domains and instead interacts with the membrane only through the cytoplasmic lipid bilayer leaﬂet with acyl groups [31]. The
palmitoylation serves as another means of strengthening the membrane association
and occurs by covalent modiﬁcation of cysteine residues, though some variants of SFV
do not have palmitoylation [33–35]. When expressed alone in mammalian cells, nsP1
is membrane associated and localizes to the cytoplasmic face of the plasma membrane [34]. Additionally, the association of nsP1 with membranes is tight because it
was not sensitive to high salt, EDTA, or alkaline sodium carbonate treatments, which
would otherwise remove peripheral membrane proteins [36].
Since nsP1 is the only nonstructural protein known to associate with cellular membranes, it may serve as a membrane anchor for the replication complexes (RCs), which
are thought to involve all of the nonstructural proteins. When in a polyprotein nsP1
may also associate with cellular membranes [31–34, 36]. There are speciﬁc residues
that have been found to be essential for nsP1 membrane binding and disruption of
nsP1 membrane association is lethal for the virus [32].
The protein nsP1 is known to be important for minus-strand RNA synthesis [37,
38]. The association of nsP1 with nsP4 has been shown using co-immunoprecipitation
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and this interaction is required for initiation and elongation of the minus-strand synthesis [35, 39–42]. Mutants that have suppressor mutations in nsP1 have been identiﬁed for nsP4 minus-strand deﬁcient mutants [43, 44]. Interactions with the others
nonstructural proteins or with host cell proteins are poorly understood and remains
an area of ongoing interest.

nsP2

Fig. 1.4. Depiction of nsP2 domain structure. nsP2 is approximately
90 kDa. NTPase indicates nucleoside triphosphatase. MTase indicates methyltransferase.

nsP2, the largest nonstructural protein, has many functions. nsP2 has an Nterminal RNA helicase domain with nucleoside triphosphatase (NTPase) activity and
a C-terminal protease domain (Figure 1.4). Functionally, nsP2 acts as a helicase, a
triphosphatase, and a protease and is also involved in the shut-oﬀ of the host cell
macromolecular synthesis [45]. When acting as a helicase (Superfamily 1), nsP2 is
involved in unwinding the RNA during viral RNA replication and is necessary for viral
replication [46–48]. The RNA triphosphatase activity is responsible for the removal
of a phosphate from the new positive-sense RNAs, which allows nsP1 to cap the RNA
so they may act as messenger RNA [27].
Structurally, it was discovered in the case of VEEV that the C-terminal region of
nsP2 has two diﬀerent domains. The protease domain is similar to cathepsins but
has a unique cysteine protease fold [49]. nsP2 also has an MTase-like domain at
the C-terminus that is structurally similar to the FtsJ MTase but does not have any
active-site residues suggesting that the domain does not have enzymatic activity [49].
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This domain, at least in the case of VEEV and CHIKV, may be involved in substrate
presentation to the active site of the protease [49, 50]. The two C-terminal domains
function together and are required for the activity of the protease [51]. The protease
activity was identiﬁed as being responsible for processing the non-structural polyprotein into the separate non-structural proteins [23, 37, 52]. Cleavage occurs at three
speciﬁc sites to produce polyprotein precursors and the nonstructural proteins [51].
The eﬃciency of cleavage at the three sites may be responsible for regulating the
activities of the nonstructural proteins during the course of the infection cycle. Additionally, there are diﬀerences in the cleavage eﬃciencies of these sites between diﬀerent
alphaviruses such as SFV and CHIKV [53]. nsP2 may have additional functions such
as a transcription factor for the synthesis of the subgenome (26S) [54–56].
nsP2 is the only non-structural protein localizes to both the cytoplasm and nucleus
[45]. It is unclear how nsP2 is able to enter through the nuclear membrane. While
there have been some predicted nuclear localization signals (NLS) in SINV, they did
not aﬀect the nuclear transport [57]. The nuclear import of nsP2 has been shown to
be required for inhibiting antiviral responses of the cell and host cell macromolecular
transcription shut-oﬀ [58]. In studies with CHIKV, the nuclear localization of nsP2
was seen to be time-dependent. At early stages of infection nsP2 has prominent
nuclear localization and at later stages of infection nsP2 localizes predominately to
the cytoplasm [53].

nsP3
The exact role of nsP3 is still unknown. However, this protein has been shown to
be required for viral RNA synthesis. Mutagenesis studies have shown that mutations
in nsP3 had problems initiating minus-strand synthesis or subgenomic RNA synthesis
[59]. nsP3 has three main domains: an N-terminal macro domain, the alphavirus
unique domain (AUD), and the hypervariable region (Figure 1.5). Macro domains
are so named for the unique macro domain that is present in macrohistones, which
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shares homology with other human proteins [60, 61]. Biochemically the majority
of macro domains function to bind mono- or poly-ADP-ribose [62, 63]. The macro
domains of CHIKV and VEEV are able to bind DNA, RNA, and ADP-ribose (mono
or poly) and have crystal structures [40,64]. It is unclear why the macro domains bind
ADP-ribose since no exact role in viral replication has been linked to it, but it may
be related to resisting the cell’s antiviral response [65, 66]. Since ADP-ribosylation is
a modiﬁcation of many cellular proteins, the macro domains are hypothesized to act
as ADP-ribosyl hydrolases to remove ADP-ribose [60, 67].

Fig. 1.5. Depiction of nsP3 domain structure and motifs necessary for
association with host cell proteins. nsP3 is approximately 60 kDa.

The AUD has strong sequence homology across alphaviruses, is speciﬁc thus far
to only alphaviruses, and is centrally located in nsP3. Mutagenesis studies within
the AUD resulted in viruses with defects in polyprotein processing, RNA synthesis,
and virulence. The mechanisms behind these defects still remain to be determined.
The AUD contains a zinc coordination site with four conserved cysteine residues,
which was discovered from the nsP2/nsP3 fragment crystal structure [20]. While this
domain is required for replication, it is unclear what role it plays.
The hypervariable region located in the C-terminal domain of nsP3 has poor
conservation amount alphaviruses in both length and sequence composition [59]. Mutagenesis of residues in this region show little eﬀect in tissue culture, but can cause
reduction of virulence in mice [68–71]. Because this region is able to tolerate deletions
and insertions in many of the alphaviruses, it has been utilized as a marker protein
insertion site for proteins like GFP and luciferase [72, 73]. The nsP3 hypervariable
region is also heavily phosphorylated on serines and threonines and the diﬀerent se-
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quence compositions in this region result in diﬀerent phosphorylation states between
diﬀerent alphavirus species [68, 70, 74]. Altering the phosphorylation of this domain
in VEEV did not aﬀect replication in vertebrate cells, but was shown to be important
for replication in mosquito cells [75].
nsP3 has been shown to bind host factors, most notably G3BP1 and G3BP2,
which are part of stress granules in the cell [76–78]. It is thought that by binding
to G3BPs, nsP3 recruits them to form alternative stress granules that do not have
the same composition as cellular stress granules [79, 80]. Other than the replication
complexes, these granular cytoplasmic structures are the primary localization for nsP3
[81]. Additionally, when G3BPs were depleted during a CHIKV infection there was
a reduction in CHIKV replication indicating a possible proviral function [14, 78, 82].

nsP4

Fig. 1.6. Depiction of nsP4 domain structure. nsP4 is approximately
70 kDa. The polymerase domain contains the central polymerase
motif Gly-Asp-Asp (GDD).

The nsP4 protein is an RNA-dependent RNA polymerase (RdRP) [83]. It was
proposed to be the alphavirus RdRp because of its typical ﬁnger and palm structure,
which contains a GDD active site motif that is prevalent in other RdRPs and mutant mapping studies (Figure 1.6) [54, 84]. This protein is responsible for all viral
RNA synthesis the minus-strand, the subgenome, and positive-strand synthesis. Of
all the nsPs, nsP4 is produced in the lowest amount and is expressed by suppression of termination (stop codon readthrough) at the end of about 10% of produced
nonstructural polyproteins [85]. There is an in-frame opal stop codon close to the
C-terminal end of nsP3. nsP4 is also degraded by the N-end rule pathway with a ty-
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rosine or other aromatic residues at the N-terminus [86]. The N-terminal domain has
terminal adenylyl-transferase (TATase) activity, indicating that nsP4 may function
in polyadenylation to produce a poly-A tail [87]. Puriﬁed nsP4 is capable of RNA
synthesis, but the other nsPs are required for de novo RNA synthesis, highlighting
that viral replication involves the coordinated cooperation of all the nsPs [88].

1.3.2

Structural proteins

The structural proteins are translated from the subgenome ORF (26S RNA) as
a polyprotein (C-pE2-6K/TF-E1) [3]. The subgenomic RNA (sgRNA) is produced
from an internal promoter in the minus-strand RNA intermediate [89]. The sgRNA
has an internal ribosome entry site (IRES) to recruit ribosome to the right position
for translation [90]. This ability may allow translation of the structural proteins,
even while host-cell translation has been shut-oﬀ. Other than the capsid proteins,
all of the structural proteins are translocated to the ER as a polyprotein through an
N-terminal signal sequence on pE2 [91–93]. The polyprotein positioned in the ER
membrane, except the capsid protein which remains in the cytoplasm, is depicted in
Figure 1.7.

Capsid
In the virion, the main purpose of the capsid protein is to enclose and protect the
genomic RNA in the viral particle [15, 17]. The capsid protein has two domains: a
highly conserved protease domain and an N-terminal domain. The N-terminal domain
is not sequence conserved among alphaviruses and is thought to be involved in viral
RNA packaging and RNA assembly [95, 96]. The capsid protein has a serine protease
activity which has a chymotrypsin-like fold that allows it to autoproteolytically cleave
itself (in cis) from the nascent structural polyprotein (26S RNA) during folding after
translation [3,93,97,98]. Once cleaved the capsid protein remains in the cell cytoplasm
and is transiently associated with ribosomes until it associates with the positive-sense
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Fig. 1.7. Depiction of alphavirus structural proteins inserted into the
ER membrane. The approximately 260 amino acid capsid protein
self-cleaves while the structural polyprotein is still in the cytoplasm.
The remaining polyprotein is translocated to the ER through a signal
sequence in E3, where the proteins are inserted into the membrane
and cleaved by cellular signalase, except for the join between E3 and
E2 which is cleaved later in the trans-Golgi by furin [94]. 6K has a 16
amino acid lumenal domain, two transmembrane domains that have
an 8 amino acid linker. Model is not to scale.

genomic RNA to form icosahedral nucleocapsids [99, 100]. In terms of localization in
the cell, the capsid protein is mainly cytoplasmic. However, capsid has an N-terminal
nuclear localization signal (NLS) and is thought to induce host transcriptional shutoﬀ [13, 101]. The shut-oﬀ of host transcription by the capsid protein has been shown
to be the case for several New World alphaviruses but remains to be proven for all
alphaviruses [13]. During RNA packaging, the capsid protein binds speciﬁcally to
the viral full-length genome and this interaction is thought to be important for the
formation of nucleocapsids [99]. The capsid proteins are then thought to form dimers
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and then to oligomerize to form the complete nucleocapsid of 240 capsid proteins in
association with the viral genome [102].

E3
After translation of the polyprotein and capsid self-cleavage, the E3 protein contains a signal sequence that translocates the remaining polyprotein (envelope polyprotein) to the ER for insertion into the ER membrane [103]. While the rest of the
structural proteins are cleaved from each other in the ER by cellular enzyme signalases, E3 and E2 remain connected (sometimes referred to as PE2 or P62) until
E3 is cleaved from E2 at its C-terminus by a cellular furin protease in the transGolgi network [3, 94, 104]. After cleavage, E3 is noncovalently associated with the
glycoprotein E2 in the trimeric spike and is released at neutral pH [105]. This association is most likely to protect the E1 glycoprotein from prematurely fusing with
cellular membranes in acidic compartments before reaching the plasma membrane for
budding of the nucleocapsids since alphaviruses use low pH for fusion during cellular
entry [16, 106].
The cleavage of E3 from E2 has been shown to be required for virus maturation
of some alphaviruses. However, it has been shown that furin processing is not necessary for assembly of CHIKV virions, but the lack of processing will impair fusion of
spikes upon cell entry presumably because the heterodimers cannot dissociate during
entry [3, 16]. When E3 was replaced with artiﬁcial signal peptides that targeted the
structural polyprotein to the ER, no glycoprotein spike protein formation occurred
and there was no presence of glycoproteins at the plasma membrane [107]. In the
ﬁnal viral particle, E3 is not typically included except in the cases of VEEV and some
strains of SFV [17, 108, 109].
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Glycoprotein E2
E2 is a highly conserved, cysteine-rich transmembrane glycoprotein. In the viral
particle, E2 is in trimers of dimers with E1 (E2/E1)3 and embedded in the host cellderived lipid bilayer [110]. The main responsibility of E2 is to mediate binding to
the cell surface receptors during viral entry [111]. The exact receptors are currently
unknown, but it is thought that alphaviruses may have multiple receptors because
of their wide cellular tropism. When in the neutral pH ER, the E2 glycoprotein
remains as the precursor pE2 (or p62) until cleavage of E3 by furin (E3 and E2) in
the trans-Golgi most likely to prevent premature fusion of E1 with cellular membranes
[112]. pE2 also dimerizes with E1 in the ER and assists in the proper folding of E1
which is necessary for spike formation [113]. During assembly the E2 endodomain
withdraws from the host membrane to (cdE2) interact with the capsid protein (1:1
ratio), possibly giving stability to the viral particle [108, 114–116].

6K
6K is a small, hydrophobic acylated protein that is thought to be involved in viral
assembly and viral budding. In the ER it is cleaved from PE2 at its N-terminus and Cterminus by cellular signalases. 6K is incorporated into virions ( 7-30 copies/virion)
but not to the same extent as the other structural proteins [117–119]. There are
currently no cryo-EM structures that have 6K incorporated, so it is unclear where in
the virion 6K resides. However, the presence of 6K in the virion has been shown to
be required for spike structure and fusion [120].
6K has been shown to be important for viral budding. 6K appears to be required
for viral release because when 6K is modiﬁed to reduce its palmitoylation or deleted
entirely the viral output, while viable, is greatly reduced and deformed nucleocapsids
were observed [118, 121]. This eﬀect appears to be host cell dependent since viruses
produced in insect cells were less aﬀected than those from mammalian cells [122].
6K may be involved in ﬂipping lipids from one side of the lipid bilayer to the other
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[121]. It exhibits properties of a viroporin, by being able to increase the membrane
permeability.
There are two models to explain how 6K may be linked to viral budding. The
ﬁrst proposes that 6K functions in a mechanical way that induces the bending of
membranes in the phospholipid bilayer, but this does not take into account the pore
properties of 6K [121,122]. The other model proposes that 6K dissipates ion gradients
across membranes to provide the required energy to push the viral particles out of
the cell through the lipid bilayer [123].

TF
Initially, when 6K was studied it was thought to be a dimer since it migrated as
a doublet, but it was recently discovered that the other protein was a new structural
protein, TF. The transframe (TF) protein is produced by a ribosomal frameshift (-1)
during translation of 6K from the sgRNA at the 3’end that is highly conserved across
alphaviruses [124]. The frameshifting eﬃciency is estimated to occur 10-18% at a
conserved motif in 6K, but some alphaviruses have signiﬁcantly higher eﬃciencies
like Middelburg virus (48%) [125]. TF protein production has been experimentally
demonstrated for CHIKV, SINV, SFV, and Salmon pancreatic disease virus and detected in VEEV via deep sequencing [124, 126–129].
TF is about 8 kDa and has the same N-terminus as 6K, but does not include the
second transmembrane region of 6K. TF may have viroporin properties like 6K or
even be the actual viroporin making it important for viral budding [124]. Viroporins
act to increase membrane permeability making virion budding more favorable. The
precise mechanism(s) of this membrane permeabilization remains to be determined.
While TF does not appear to be required for particle formation, deletion of it greatly
decreases viral release in both mammalian and insect cells [129]. TF has been shown
to rarely be incorporated into viral particles instead of 6K [124].
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Glycoprotein E1
The E1 glycoprotein is responsible for mediating the fusion between the viral
and host cell membranes for the release of the viral genome during cell entry and
is classiﬁed as a class II fusion protein [130–132]. E1 is thought to be involved in
immunogenicity and cell host range [133]. The E1 ectodomain, which was crystallized
from SFV, has three β-barrel domains (DI-DIII), with DI positioned between DII and
DIII [134]. The fusion peptide loop of E1 is in DII and is shielded in a groove within
E2 referred to as the fusion loop binding groove [16]. This fusion loop is inserted into
the host plasma membrane during fusion [113].

1.4

Alphavirus lifecycle

1.4.1

Cellular entry

An overview of the alphavirus lifecycle in a mammalian cell is depicted in Figure
1.8. Entrance to the cell begins with binding of the extracellular virus to a cell surface
receptor(s) and/or attachment factors via the E2 glycoprotein in a saturable fashion.
These cell surface receptors vary from one alphavirus to another and it is likely that
diﬀerent alphaviruses may utilize multiple receptors due to the wide range of cell
tropism [111]. The exact receptors for alphaviruses have not been identiﬁed, but
there are some suggested receptors such as the high aﬃnity laminin receptor [135],
heparin and heparan sulfate [136–138], the heat shock 70 protein [139], the major
histocompatibility complex [140, 141], and DC-SIGN and L-SIGN [142]. Once E2 is
bound to the receptor, conformational changes in the trimeric spike along with an
acidic environment triggers the dissociation of the E1-E2 heterodimer.
Endocytosis of the receptor-virus complex then is thought to occur through a
clathrin-mediated mechanism, but there are indications that not all the alphaviruses
employ that mechanism. For example, CHIKV has been shown to use a clathrinindependent, Esp15-dependent, dynamin 2-dependent route when infecting mam-
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Fig. 1.8. Depiction of alphavirus lifecycle. The viral particles ﬁrst
attach to the surface receptor(s) on the plasma membrane and are internalized by clathrin-mediated endocytosis. The nucleocapsid is released into the cytoplasm and disassembles releasing the viral genome.
The nonstructural proteins are translated as a polyprotein and processed to form the replication complex. The replication complexes and
possibly other host proteins cause the formation of spherules by an
unknown mechanism. The plasma membrane spherules get endocytosed to form CPV-1s. The negative strand genome is produced in the
spherules through a dsRNA intermediate. The structural polyprotein
is translated from the negative strand. The capsid protein self-cleaves
and remains in the cytoplasm. The remaining structural proteins are
translocated into the ER and are processed. The structural proteins
continue processing through the secretory pathway. The full-length
positive genome is produced and then associates with the free capsid
protein to form nucleocapsids. The nucleocapsids are traﬃcked to the
plasma membrane, associate with the glycoproteins, and bud out of
the cell.
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malian epithelial cells [143]. Additionally, SINV has been shown to infect hamster
CHO cells that are defective in their endosomal acidiﬁcation [144]. There is a current
model that SINV may create pores in the plasma membrane perhaps through the 6K
protein and inject the nucleocapsid into the host [145].
After entrance, the virus particles move to early endosomes which then acidify
lowering the pH. The pH requirement can vary depending on the alphavirus in question. The low pH triggers fusion of the viral envelope with the endosomal membrane,
releasing the viral NCs into the cytoplasm. There is some evidence that acidiﬁcation may not be a required step for all cell types. Notably, it was shown to not
be required for entry of SINV into mosquito cells [146]. This fusion occurs via the
class II-dependent pathway with the E1 glycoprotein [135]. The newly released NCs
interact with ribosomes to release the viral genome by an unknown mechanism [147].

1.4.2

Replication

After the release of the genome from the virion, the ssRNA is used as mRNA for
translation of the viral proteins. There is some evidence that nucleocapsid interacts
with ribosomes to release the genome [148]. Positive RNA translation then occurs to
yield the polyproteins: P123 and P1234. The majority of polyproteins are of P123
(90%), while the P1234 polyproteins (10%) are produced by a read through of an opal
codon [59]. The P1234 polyprotein is not able to synthesize RNA, nsP4 is required
to be removed [22]. The P1234 polyproteins are proteolytically processed by nsP2,
most likely in trans to yield free nsP4.
Invaginations called spherules form at the plasma membrane with P123, nsP4,
and active RNA synthesis all being required [149–153]. There is new evidence with
SFV that speciﬁc forms of the partially processed nsPs can form spherules without
the presence of RNA [154]. All the nsPs were required, but P123 or P23 had to be uncleaved. These membrane structures with the nsPs are also referred to as replication
complexes (RCs). The spherule has a neck that keeps the spherule interior connected
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to the cytoplasm, which would allow entry of nucleotides and exit of produced RNAs.
It is thought that nsP1 keeps the RC anchored to the membrane through an amphipathic peptide (see Fig. 1.4) [41]. Synthesis of a negative RNA intermediate occurs
in a possible ratio of one intermediate per spherule [155]. This intermediate may be
double-stranded and remain that way [156, 157]. The spherule structures are very
stable after formation and may be active for several hours in producing multiple viral
genomes and subgenomic RNAs [158].
There is further proteolytic processing of the P123 polyprotein into nsP1 and a
short-lived nsP23. This processing is thought to trigger the switch from negativesense RNA synthesis to positive-sense RNA synthesis [21, 22]. There is evidence that
P123 and nsP4 are capable of positive-sense RNA synthesis, so cleavage of P123 may
not be required [159]. Proteolysis continues until all the nonstructural proteins are
cleaved. Synthesis of the positive full-length genome and positive subgenome occur
with the production of sgRNA occurring in excess of the viral genome [21, 22].

1.4.3

Assembly

Once the subgenomic RNA has undergone translation, the capsid protein is released from the polyprotein by autoproteolysis. When the capsid protein is removed
a signal sequence in pE2 is exposed and the remaining polyprotein is translocated to
the ER [160]. After translation of the structural polyprotein, cleavage of the capsid
protein, and insertion into the ER the cellular signalase enzyme cleaves the polyprotein into pE2, 6K, and E1 [112,161]. Within the ER the E1 and pE2 proteins undergo
complex folding with ER chaperone proteins. For E1 the cellular proteins BiP and
protein disulﬁde isomerase have been shown to mediate folding [162, 163]. For E2
calnexin/calreticulin and Erp 57 mediate the folding instead [162]. E1 and pE2 then
associate with each other into heterodimers [103]. The formation of dimers is required
for the transport of E1 and pE2 from the ER to the Golgi apparatus and to form the
ﬁnal particle. In the ER the glycoproteins acquire carbohydrate side chains, which are
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modiﬁed later in the Golgi. Three heterodimers come together to form nonfusogenic
spikes [103, 164].
The E1 and pE2 spikes are transported to the Golgi apparatus where they undergo
post-translational modiﬁcations. These modiﬁcations include glycosylation, but the
number, type, and position are dependent on the exact alphavirus and the host cell
in which the virus replicates [3]. Other modiﬁcations that the glycoproteins undergo
is palmitoylation and phosphorylation. The C-terminal tail of E2 is reoriented to the
cytoplasmic side of the membrane allowing the interaction of this portion of E2 with
the capsid protein [3]. This reorientation has been linked to palmitoylation which
anchor this portion of the protein in the membrane and ensure it is in the correct
orientation [17]. The 6K protein is also palmitoylated in the Golgi and occurs at
several cysteines that are on the cytoplasmic face of the membrane [165]. These
glycoproteins progress through the secretory pathway through the Golgi and onward
to the plasma membrane [104]. Prior to reaching the plasma membrane pE2 undergoes
cleavage by furin in a trans-Golgi compartment, resulting in E2 and E3 with E2 still
complexed with E1 [104, 166]. This cleavage is required to prime the virus to infect
new cells after viral release.

1.4.4

Nucleocapsid Formation and Budding

Nucleocapsids (NCs) are composed of capsid proteins and one copy of the positive
RNA genome [167]. NC formation is speciﬁc for only the genomic RNA and requires
the RNA for formation as no RNA-free formations have been reported [168]. To
date, only one alphavirus, Aura virus, has been shown to package more than just the
genomic RNA, but also the 26S sgRNA [3]. NCs are thought to assemble through two
possible models(reviewed in [167]). In the ﬁrst model, NCs assemble in the cellular
cytoplasm [167]. The exact site of this NCs assembly in the cell cytoplasm remains
unclear but is thought to occur close to the RCs because the full-length genome is
produced from those structures. First, the capsid proteins form a dimer with the
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genomic RNA, then more capsid dimers oligomerize to form the NC with 240 capsid
proteins [102]. Once the NCs form they traﬃc to the plasma membrane through
some unknown mechanism, most likely involving some membranous structure and/or
the cellular cytoskeleton. It is unlikely that the NCs utilize diﬀusion through the
cytoplasm due to the complexity of the cellular milieu, but other transport methods
are still undeﬁned [169].
Once at the plasma membrane budding occurs through the interaction of the
capsid proteins in the NCs with the glycoprotein spikes (speciﬁcally the C-terminal
portion of E2). The capsid protein has a hydrophobic pocket that interacts with the
endodomain of E2 [170]. The endodomain of E2 is originally in the lumen of the ER
after translocation and It has been shown in vitro that only the RNA genome and
the capsid proteins are required to form NCs, which supports this model [171]. Additionally, if these particles are microinjected into cells that express the viral envelope
proteins, then infectious virus-like particles can be generated [172, 173].
Alternatively, the other model proposes that instead of the pre-formed NCs that a
capsid-RNA complex binds to the glycoproteins at the plasma membrane. Next, the
interactions of the glycoproteins with each other drive the formation of both the icosahedral NC and the ﬁnal enveloped particle. Support for this model is indicated by
the production of particles from mutants that are deﬁcient in cytoplasmic NC formation, but have only mild decreases in titer [174, 175]. Both of these models, however,
require the NCs pre-formed or not to be transported to the plasma membrane by
some means.

1.4.5

Viral particle

The alphavirus envelope originates from the host cell membrane.

When Al-

phaviruses acquire their envelope no host cell proteins are incorporated into the resulting viral particle [176, 177]. This is thought to be achieved by the formation of
a hexagonal lattice of glycoprotein spikes in the membrane prior to interaction with
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capsid [178, 179]. The ﬁnal virion has the inner nucleocapsid with 240 capsids and
an outer lipid envelope with 240 copies of the envelope glycoproteins arranged as 80
heterodimer trimeric spikes [15, 17]. 6K is also found in the virus particle, but not
in stoichiometric amounts [117, 119]. E3 is sometimes present in the virion of some
alphaviruses, such as SFV and VEEV [108]. This process releases viruses out of the
cell to continue the infection of new cells.

1.5

Positive-sense RNA virus membrane modiﬁcations
All positive-sense RNA viruses discovered to date modify cellular membranes to

aid in their replication and assembly processes [180–183]. All of these viruses utilize
modiﬁed cytoplasmic membranes, but the source membrane can vary greatly depending on the virus [184, 185]. It has been proposed that positive RNA viruses require
membranes for replication to concentrate necessary molecular components, to be a
scaﬀold for coordination of the assemblies of replication proteins, and to act as a
protection against host cell detection and defense mechanisms [32, 183, 186]. Conventional EM and ET studies have been used to show the many diﬀerent membranes
that positive-sense RNA viruses use for replication and how dramatic the remodeling
of the membrane can be (Table 1.1) [185, 187–190]. For replication, these viruses
generally use one of two strategies for membrane alteration: formation of doublemembrane vesicles (DMVs) or formation of membrane invaginations. Additionally,
the viral RNA synthesis, in general, has been shown to occur within these novel membrane compartments though their is some ambiguity as to which speciﬁc face of the
membrane RNA synthesis occurs.

1.5.1

Double membrane vesicles

It is unclear at this time what mechanism or mechanisms are employed by viruses
to give rise to DMVs. It is assumed that DMV formation occurs by one of two
mechanisms. In one a singular vesicle bends inward upon itself and closes when
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Table 1.1.
Positive single-stranded RNA virus-infected cells imaged with various 3D methods.
Viral Family

Virus

Cell type

Arteriviridae

Equine Arterivirus (EAV) [188]

Vero E6

Bunyaviridae

Bunyavirus (BUNV) [191]

BHK-21

Coronaviridae

Infectious Bronchitis
Virus (IBV) [192]

CK

SARS [187, 193]

Vero E6

Dengue Virus (DENV) [190]

Huh-7

[194]

C6/36, Vero, SK Hep 1

[195]

C6/36

Hepatitis C Virus (HCV) [196]

Huh 7.5

Langat Virus [197]

BHK-21

Tick-Borne Encephalitis

BHK-21

Virus (TBEV) [198]

HN

West Nile Virus (WNV) [199]

Vero

[200]

BHK

Zika Virus (ZIKV) [201, 202]

Cell

Nodaviridae

Flock House Virus (FHV) [189]

Drosophila S2

Picornaviridae

Coxsackievirus B3 (CVB3) [203]

Vero E6

Poliovirus type I [185]

Hela

Turnip Mosaic Virus (TuMV) [204]

Cell

Zucchini Yellow

Curcurbita pepo

Mosaic Virus (ZYMV) [205]

L. plant cells

Flaviviridae

Potyviridae

Secoviridae

Togaviridae

Tombusviridae

Broad Bean Wilt
Virus 2 (BBWV-2) [206]

C. quinoa

Rubella Virus (RUBV) [207]

BHK-21

Semliki Forest Virus (SFV) [179]

BHK-21

Beet Black Scorch Virus (BBSV) [208]

Nicotiana benthamiana
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the two ends meet similar to what occurs with formation of autophagosomes [209].
Alternatively, the other model involves the formation of a single-membrane structure
that then moves through another single-membrane. In this case, an invagination
may form on an organelle, such as the ER, which then closes and acquires another
membrane by moving out of the ER.

Nidovirales: Coronaviridae and Arteriviridae
Viruses in the order Nidovirales form mostly large DMVs and in some cases complex membranes referred to as convoluted membranes that have mostly been identiﬁed
through conventional TEM analysis [187, 210, 211]. Of the Betacoronaviruses, severe acute respiratory syndrome coronavirus (SARS-CoV) and mouse hepatitis virus
(MHV) are the most characterized in regards to their membrane formations [187,212].
Observations of DMVs have also been observed in the Middle East respiratory coronavirus (MERS-CoV), as well as, convoluted membranes with the convoluted membranes observed later in infection surrounded by DMVs [212, 213].
In this set of viruses, the formation of DMVs is thought to occur prior to the
formation of convoluted membranes [187, 214]. Additionally, the formed DMVs may
merge together later in infection to form structures deemed vesicle packets that are
approximately 1 - 5 µm in size, which is thought to occur by membrane fusion [187].
The localization of the dsRNA (RNA replication intermediate) has been shown to be
in the DMVs, but paradoxically the replicase proteins are found in the convoluted
membranes and rarely in the DMVs [187]. In addition, Gammacoronaviruses like
Infectious Bronchitis virus (IBV) form larger DMVs (200 nm in diameter) that are
also derived from the ER, but form a unique membrane structure from ER that are
described as ”zippered” ER [?]. These structures were more similar to the spheruletype membrane formations which are discussed below.
Similarly, in equine arterivirus (EAV) of the Arteriviridae family, there is the
formation of DMVs (though 2-3 times smaller than Coronaviruses, 90 nm) that appear
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to be interconnected to each other in a network close to the single-membrane tubules
[188]. In the case of EAV, some replicase proteins were associated with the DMVs and
the nearby membranes, with the dsRNA being primarily in the DMVs [188]. Similar
to other members of Nidovirales, when DMVs were imaged by electron spectroscopy,
phosphorus was detected indicating viral genomes were present [215].

Picornaviridae: Poliovirus and Coxsackievirus
DMVs in Poliovirus form from heterogeneous single-membrane branching tubular
vesicles that then gradually convert into the 100 - 300 nm DMVs [185]. These structures had mistakenly been described as singular vesicles from 2D studies, demonstrating the need for 3D representations [216–218]. The inner portion of these is assumed
to be derived from the cytoplasm. The mechanism for the DMV formation is thought
to involve the extension or collapse of the single-membrane tubular structures which
may be derived from cis-Golgi membranes. The replicase proteins and the nascent
viral RNA have been shown to localize outside of both the single-membraned and
double-membraned structures [185, 218] Coxsackieviruses, particularly CVB3, form
DMVs through a similar process to PV with single-membrane tubules present early
during infection that then convert into approximately 160 nm DMVs. These DMVs
then go on to form more complicated membrane structures through the wrapping of
membranes [203]. The localization of the RNA and viral proteins in these structures
still remains to be determined.

Flaviviridae: Hepatitis C virus
Even though Hepatitis C virus (HCV) is in the same family as Dengue virus
(DENV) and West Nile virus (WNV), the membrane alterations that HCV elicits
are more similar to those of the unrelated Picornavirdae or Coronaviridae families of
viruses. The membrane alterations associated with the other ﬂaviviruses are discussed
below in section 1.5.2. In HCV infections, DMVs are produced in large numbers and
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through electron tomography studies approximately 50% of the DMVs present in an
infected cell are linked to the ER through their outer membranes [215, 219]. These
DMVs are roughly 150 nm in diameter [215]. The attached DMVs are assumed to
be able to detach from the ER membrane at some point during the infection. It has
been suggested that the DMVs are forming from single-membrane vesicles that are
present in the perinuclear region in clusters, but whether this is how DMVs actually
form still remains unclear [196]. The localization of the replicase proteins and the
RNA at the ultrastructural level is still ongoing.

1.5.2

Membrane invaginations

Several viruses form invaginations that are associated with their viral genome
replication, but these viruses all do so from diﬀerent cytoplasmic membrane sources.
The majority of the studied positive-sense RNA viruses cause membrane invaginations
on the ER membranes, but there are cases of other organelle membranes being utilized
instead. The direct cause of the membrane curvature that results in the invaginations
is not clear, but may be related to the membrane binding proteins of the virus and
how the replicative proteins interact with each other.

Bromoviridae
Brome Mosaic virus (BMV), from the family Bromoviridae, forms spherules (60
nm) on the ER cytoplasmic membrane of yeast cells through the internal coating of
the membrane by the replicase protein 1a that gives the spherule its shape [220, 221].
The 1a protein recruits the polymerase protein, 2a, to the membrane invaginations to
replicate the viral RNA [221]. When cells are transfected with only the 1a protein the
formation of the ER spherules still occurred, despite there being no other viral factors
present suggesting the 1a protein is all that is required for formation. Additionally,
this suggests that a model where 1a forms a shell lining the interior of the spherule
is possible [221].
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Nodaviridae
Flock House Virus (FHV), from the family Nodaviridae, forms spherules (50 nm)
on the mitochondrial outer membrane and was the ﬁrst virus to have its 3D membrane
rearrangements analyzed [189]. FHV only encodes one replication protein, A, so it
is likely that the spherules form in a similar manner to what is seen with BMV
[222]. Protein A has a mitochondrial localization signal and a transmembrane domain
that anchors it to the membrane [223]. Similar to BMV, protein A is thought to
coat the interior portion of the spherule from stoichiometric analyses [189]. Electron
tomography revealed that there was a neck on the spherules which indicates that
they remain continuous with the cytoplasm and that the spherules are about 50
nm in diameter [189]. In a recent study utilizing cryo-tomography of FHV-infected
mitochondria, the arrangement of the RNA ﬁbrils in the spherules and a crown of
complexed proteins at the spherule neck were observed [224]. The multimeric protein
crown structure was reconstructed by subtomogram averaging (resolution 3.3 nm) and
the resulting cup-like structure had 12-fold symmetry [224]. This crown structure is
assumed to be protein A, but there is a current lack of structural information about
protein A so whether it is the only protein in the crown could not be determined.

Flaviviridae: Dengue virus and West Nile virus
Similar to BMV, Flaviviruses, such as Dengue virus (DENV) and West Nile virus
(WNV), also form invaginations on ER membranes. The spherules that formed with
DENV were approximately 90 nm in diameter and had necks that were contiguous
with the plasma membrane [190]. These spherules were shown to contain all the nonstructural proteins through immuno-electron microscopy (IEM) and also had dsRNA
detected by immunostaining, suggesting that these membrane structures are the sites
of RNA replication [190, 215, 225]. There is the presence of a convoluted membrane
with DENV similar to the Coronaviruses, but the purpose remains undeﬁned. The
convoluted membranes were only present in mammalian cells and not in insect cells,
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such as mosquito cells indicating that they may not be necessary for RNA synthesis.
Additionally, when immunostained only the NS3 protein was detected in the convoluted membranes indicating that they may not be associated with RNA synthesis as
they are with other viruses [215]. In WNV, the spherules were observed on RER and
also had necks that lead to the cytoplasm [199]. In Kunjin virus (KUNV), a variant
of WNV in Australia, dsRNA immunostaining experiments indicated that the transGolgi network and dsRNA co-localized indicating that the replication sites of this
virus are Golgi derived [226].

Togaviridae: Rubivirus
Rubella virus, in the Togaviridae family in the Rubivirus genus (the only member),
has membrane invaginations in vacuoles that have been shown to colocalize with
lysosomal markers [227, 228]. Unlike what is seen with alphaviruses, the size of the
spherules with RUBV appears to be dependent on the cell type with the smallest seen
in Vero cells [228, 229]. Additionally, the lysosomal structures with invaginations in
this virus appear to form connections with the rough ER that are sometimes observed
in the Alphaviruses. It is due to this association that the virus-modiﬁed lysosomes
were thought to be sites of RNA replication linked to translation of structural proteins
and nucleocapsid assembly [229].

1.5.3

Alphavirus membrane modiﬁcations

Throughout the course of an alphaviral infection, the virus elicits the formation
of two types of membrane modiﬁcations to the host cell membranes that are referred
to as cytopathic vacuoles (CPV). These structures were mainly observed and characterized by electron microscopy of cultured cells that were infected with alphaviruses
such as SFV, SINV, WEEV, and VEEV in the 1960s and 1970s [181, 231–233]. The
ﬁrst of these structures was termed cytopathic vacuole 1s (CPV-1s). CPV-1s are
generally 600 nm to 2,000 nm in diameter. These structures generally appear 1 to 2
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(a)

(b)

Fig. 1.9. Representative images of alphaviral membrane modiﬁcations. Both images were collected with TEM from 90 nm thin resin
sections. (a) A CPV-1 in a wt SINV-infected BHK cell.Note the characteristic spherules that line the membrane. The sample underwent
high-pressure freezing and freeze-substitution protocol for staining.
Scale bar 200 nm. (b) CPV-2s in Lamu-strain CHIKV-infected BHK
cell [230]. Since this was a wt CHIKV, the cells were ﬁrst ﬁxed with
glutaraldehyde to inactivate the virus and were then high pressure
frozen and freeze-substituted. Scale bar 200 nm.
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hours post-infection, though the time of appearance has been shown to be linked to
the input MOI [234]. CPV-1s are endosomally or lysosomally derived structures that
contain membrane invaginations, termed spherules, that are thought to be the sites of
viral replication [149, 181]. An example of a SINV CPV-1 is depicted in Figure 1.9a.
The use of these membranes in cells appears to be speciﬁc to viruses from the family
Togaviridae [228]. Spherules are regular in size with a diameter of about 50 nm and
have a neck that connects to the cytoplasm that presumably allows the exchange of
metabolites and export of the viral RNA [149].
It is inside of these spherules that the nonstructural proteins are thought to
replicate both the subgenomic RNA transcript, as well as, the positive-sense viral genome [235]. This has been further supported by immunolabeling detecting
dsRNA (considered an intermediate of RNA replication) in these structures [151,153].
The spherule structures with the nsPs are also referred to as replication complexes
(RCs). The arrangement of the nonstructural (replicase) proteins in the RC is still
not known. Some co-immunoprecipitation experiments have found interactions between nsP1 and nsP3 and between nsP1 and nsP4, but the functional reason remains
unknown [35, 41, 236]. It has been shown previously that for spherule formation to
occur the replicase proteins and the viral RNA are required [152, 237, 238]. However,
there is new evidence with SFV that only the nsPs are required for spherule formation
as long as they are not cleaved completely into the individual proteins [154].
It was later discovered that the spherules are formed at the plasma membrane and
are then internalized into the cytoplasm in the case of some of the alphaviruses, such
as SFV [150, 153, 234]. It is likely nsP1 that targets the nonstructural proteins to the
plasma membrane since this protein is the only one that has an aﬃnity for lipids that
are present in the plasma membrane [150, 151]. In CHIKV, there is evidence that
the spherules may not be internalized at all because CHIKV did not activate PI3KAkt-mTOR pathway that has been linked to internalization of spherules with SFV
infections [239]. This suggests that the formation of CPV-1s may not be necessary for
viral replication, but that only production of spherules is required for replication of
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the viral genome. It still remains unclear whether all alphaviruses can cause CPV-1
formations or if only a select few are able to.
The other type of membrane modiﬁcation that occurs in alphaviruses is referred
to as cytopathic vacuole 2s (CPV-2s). CPV-2s were found to be derived from the
trans-Golgi network and instead of being involved in replication are associated with
assembly [240,241]. CPV-2s are characterized as vacuoles bearing NCs on their outer
limiting membrane (Figure 1.9b). Little is known about their role in the lifecycle of the
virus since they form later in the infection and the current research into viral organelle
formation has mainly focused on early viral events relating to genome replication. It
has been suggested that they may be involved in traﬃcking the viral glycoproteins
and NCs to the plasma membrane for ﬁnal assembly and budding [147].

1.6

Electron tomography
In regards to the discovery of viral interactions within cells, electron microscopy

has been a very valuable tool. Microscopy can give insight into how viruses can
alter the ultrastructure of organelles and other membrane structures in a cell. In
recent years electron tomography has enabled the imaging of complex membrane
objects such as RCs, revealing insights into their organization, structure, and spatial
arrangements. Electron tomography allows the imaging of individual projections of
an object that then get reconstructed to form a three-dimensional (3D) visualization
of that object at nanometer scale resolution. Some of the work that has been done
with imaging of viruses in cells in 3D is displayed in Table 1.1, particularly for positive
single-stranded RNA viruses.
Unlike traditional electron microscopy, electron tomography (ET) can provide 3D
structural information about subcellular structures and even protein assemblies depending on the collection resolution used. Since ET can be done at diﬀerent spatial
scales this technique lends itself well to bridging the imaging gap between light microscopy and electron microscopy. Examining cellular structures in this range can
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facilitate the understanding of structure-function relationships and provide key cellular context to biological processes. Additionally, unlike other 3D TEM techniques
like cryo-EM, the structures being imaged do not need to be redundant in structure
and thus allows insight into structures with unique conﬁgurations like those of cellular
organelles.

1.6.1

Steps of electron tomography

Electron tomography (ET) occurs via four main steps. During the ﬁrst step, a set
of image projections are acquired iteratively at diﬀerent sample orientations by tilting
the specimen in the electron microscope around one or more axes [242–244]. Due to
restrictions to support the specimen on some type of grid, in general, most tilt ranges
only go to ±60◦ . Both single and dual tilt imaging axes are quite common, but there
are cases of imaging up to 16 tilt axes [245]. The image projections are then aligned
by both automatic and semi-automatic alignments [246–248]. The automatic alignment is performed by a cross-correlation algorithm and the semi-automatic alignment
is performed using ﬁducial markers (most commonly gold particles; 5 - 10 nm in diameter). There are methods in development to perform alignment without ﬁducial
markers by using the patterns inherent in the imaged area.
The third step involves reconstruction of the tomogram via computation, usually weighted back-projection (WBP), though there are other algorithms that have
been used for tomographic reconstructions such as algebraic reconstruction technique
(ART) and simultaneous iterative reconstruction technique (SIRT) [249–252]. All
reconstruction methods work on the principle that a projection’s measurement is a
single central plane of an object’s 3D Fourier transform. The Fourier transform is just
an alternative representation of the object as its density distribution as sine waves.
The ﬁnal step of the electron tomography process is a visualization of the computed tomogram. Currently, visualization is done by manual segmentation due to
the complexity of the data. Segmentation involves isolating speciﬁc areas or objects
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in an imaged volume so that further analysis can be done. There are eﬀorts to develop semiautomatic or automatic segmentation methods, but few have been applied
experimentally. This step in the process currently remains the biggest bottleneck in
the progression of tomographic analysis.

1.6.2

Large-area (or large-ﬁeld) electron tomography

Large-area (sometimes referred to as large-ﬁeld) tomography studies are of interest because they can provide insight into how cellular structures are related to each
other in a more global context, as well as, giving a possible framework for higher resolution methods like cryo-EM [253–256]. Large-area electron tomography is primarily
limited in two ways: the ﬁeld of view becomes restricted with increasing imaging
magniﬁcation and the sample thickness. Most of the image detectors currently in use
are at most 4K x 4K pixels in size, which limits the area to be imaged at a relevant
resolution.
Scientists have tried many ways to get over the area limitation of imaging detectors [257]. One of the ways devised to get around the volume limitation is to
physically section the sample to be imaged [258]. This procedure is referred to as
serial sectioning (Figure 1.10a). Each section can be individually imaged through
the standard tomographic procedure and then the ﬁnal 3D reconstructions can be
aligned with each other and stacked creating a larger volume. Another way to get
over the size restrictions of the image detectors is through montaging (Figure 1.10b).
In montage tomography, instead of one image frame being collected per tilt, an array
of images that overlap slightly are collected instead and thus increase the eﬀective
area of the camera without sacriﬁcing resolution.
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(a)

(b)

Fig. 1.10. Methods for overcoming volume constraints. (a) Depiction
of how sectioning breaks up an object (green sphere) to make imaging
later easier. During imaging, each of the individual slices would be
imaged and then the tomograms from each section would be aligned
to one another to form to the ﬁnal volume of the object. (b) Illustration of how the same area camera can be used through montaging to
capture a larger area at a higher magniﬁcation, thus allowing better
resolution of structures of interest. Depicted here is a 2 x 2 montage
scheme.
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2. INVESTIGATION OF CHIKUNGUNYA
VIRUS-INDUCED MEMBRANE STRUCTURES
THROUGH LARGE-AREA TOMOGRAPHY
2.1

Summary
In this chapter the distribution of the nucleocapsid cores in relation to both cellu-

lar membranes like the Golgi complex and the Chikungunya virus-induced (CHIKV)
CPV-2 membrane structures were investigated. In addition, the various morphologies of the CPV-2s were also investigated. This study was begun because of observations made with another alphavirus, Venezuelan Equine Encephalitis (VEEV); a
new world virus. In the VEEV study, the nucleocapsids (NCs) were found to directly
interact with the Golgi cisterna and to induce the formation of the CPV-2 membrane
structures [259]. The nucleocapsid locations in a CHIKV-infected cell were observed
spatially in 3D using large-area electron tomography to examine whether they caused
similar formations from the Golgi apparatus.

2.2

Introduction
Positive-strand RNA viruses alter cellular membranes during infection to facilitate

virus replication and assembly. The ability to modify cellular membranes for viral
processes is seen across many viral families and these viruses are able to modify a
large number of cellular organelle membranes, such as lysosomes (Alphaviruses [149]),
Endoplasmic reticulum (Coronaviruses, Flaviviruses, and Arteriviruses), and even
mitochondria (Alphanodaviruses). Chikungunya virus (CHIKV) is a positive-sense
single-stranded RNA virus that belongs to the family Togaviridae in the genus Alphavirus that is known to modify cellular membranes for viral processes like RNA
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genome replication [186, 260–262]. CHIKV is in the Semliki Forest virus (SFV) antigenic complex along with Mayaro virus (MAYV), O’nyong nyong virus (ONNV), and
Ross River virus (RRV) and is considered an old world virus.
Chikungunya virus (CHIKV) is an alphavirus of high medical concern. Clinically,
it causes symptoms similar to other arboviruses with fever and skin rash, but in some
instances, it can cause high fever along with severe joint pain that may last months
or even years [263]. In some cases, there can be neurological and cardiac problems,
such as encephalitis. CHIKV is thought to have originated in Africa, where it still
circulates and is transmitted by mosquitoes [264,265]. CHIKV is considered to be reemerging since a wave of epidemics started in 2004 within the Indian Ocean region and
a new vector adaptation occurred (an amino acid substitution, E1-A226V) which has
enhanced the infectivity of Aedes albopictus mosquitoes [133, 266, 267]. Mosquitoes
of this species have a wide geographical distribution including areas where there is
currently no endemic CHIKV, particularly North America.
The overall morphological characteristics of virus-induced replicative structures
have been well addressed in alphaviruses [149, 150]. However, less is known about
the membrane structures that may be involved with the assembly and egress of alphaviruses from the cell. Large-area montage electron tomography was used to establish the subcellular localization of vaccine-strain CHIKV NCs and NC-associated
membranes at 12 hours post-infection in a mammalian cell (BHK). It was hypothesized that at 12 hpi the majority of NCs would be associated with the Golgi apparatus
and Golgi derived membranes. Based on previous studies with VEEV, it was observed
that the NCs directly interacted with the Golgi cisterna, inducing membrane bending
and the eventual formation of CPV-2s via a novel biogenesis pathway [259]. It is
the aim of this study to determine if the formation of CPV-2s in a CHIKV infection
occurs by a similar mechanism.
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2.3

Materials and Methods

2.3.1

Cells and virus infection

BHK-21 cells (ATCC CCL-10; American Type Culture Collection, Manassas, VA)
were propagated in Dulbeccos modiﬁcation of Eagles Medium (DMEM) (Mediatech, Inc., Manassas, VA) supplemented with heat-inactivated 10% fetal bovine serum
(FBS) (Sigma-Aldrich, St. Louis, MO) at 37◦ C with 5% CO2 . The CHIKV vaccine
strain 181/25 (kindly provided by Dr. Richard J. Kuhn, Purdue University) was used
to infect BHK-21 cells that were grown on 1.5 mm sapphire discs (Mager Sci., Dexter,
MI) to preserve the cellular ultrastructure and to limit the height of the cells in the
z-direction [268–270]. Initially, the Lamu-strain of CHIKV was used, but because this
virus was BSL-3 it required the use of chemical ﬁxation prior to high-pressure freezing
to make it non-viable. When examined in a tomographic reconstruction the resulting
membrane preservation was not appropriate for segmentation and the decision to use
the vaccine-strain instead was made. Figure A.1 shows the preservation quality of the
Lamu-strain CHIKV-infected cell membranes at 24 hpi. A multiplicity of infection
(MOI) of 10 was used in all experiments.

2.3.2

High-pressure freezing and freeze-substitution

CHIKV-infected cell monolayers grown on sapphire discs were submerged in 20%
bovine serum albumin (BSA) in DMEM as a cryoprotectant and frozen on a gold
EM PACT2 membrane carrier using the EM PACT2 high-pressure freezer (Leica,
Bannockburn, IL, USA). Cells were stored in liquid nitrogen until further processing.
The frozen cells were processed by an AFS2 automatic freeze-substitution system
(Leica) using 0.2% tannic acid and 5% ddH2O in acetone at -90◦ C for 24 hours. The
cells were then washed with cold anhydrous acetone 3 times and exposed to 0.25%
uranyl acetate, 2% osmium tetroxide, and 5% double-distilled water in acetone. The
temperature was then increased in increments of 5◦ C/h to -60◦ C, where it was held
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for 6 hours. The temperature was increased to -20◦ C by the same increment and held
there for 16 hours. Finally, the cells were warmed to 0◦ C by the same increment. At
0◦ C, the cells were washed 3 times with cold acetone.
Inﬁltration was done with a graded Durcupan resin series (Sigma-Aldrich, St.
Louis, MO) with anhydrous acetone (30%, 60%, 90%, and 100% without the presence of the resin activator for 4 hours each). A ﬁnal embedding in 100% Durcupan
with activator was done at 60◦ C for 24 to 48 hours to polymerize the resin. After
polymerization, the gold membrane carriers were removed with a razor blade leaving
the cell layer exposed in the resin for later sectioning.

2.3.3

Transmission electron microscopy

Resin-embedded blocks of CHIKV-infected BHK cells were cut to a thickness of 90
nm, 250 nm, or 300 nm using a Leica EM UC7 ultramicrotome (Leica, Bannockburn,
IL). Serial sections were collected on LUXﬁlm-coated 2 mm x 1 mm copper slot
grids (Friday Harbor, WA, USA). Sections were post-stained with 2% uranyl acetate
followed by Satos lead [271]. Sections had a thin layer of carbon applied using a
carbon evaporator to minimize charge artifacts during imaging and to provide more
stability to the sections. Colloidal gold particles (10 nm) were applied to both sides
of the 250 nm and 300 nm grids to serve as ﬁducial markers (Sigma-Aldrich, St.
Louis, MO). The thin sections (90 nm) were used in conventional TEM at 100 to
200 kV to determine the quality of the cellular preservation and to assess staining of
organelle structures on a CM100 microscope. The thick sections (250 nm or 300 nm)
were surveyed for candidate areas of cells that were free of artifacts and had an even
distribution of gold particles on a CM100 microscope (FEI).

2.3.4

Large-area electron tomography

Sections were irradiated (baked) for 5 minutes at 0◦ tilt and a low magniﬁcation
(120X) prior to imaging to stabilize the section collapse and specimen thinning. This
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procedure causes the sections to collapse so that they remain stable during the course
of imaging [242,254,272–274]. Single-axis tilt series were acquired with an FEI Titan
Krios microscope operated at 300 kV and equipped with a Gatan K2 summit direct
electron detector in base mode (pixel size 1.04 nm at 2850x magniﬁcation) over a 60◦
tilt range (increment 2◦ ) and at an average defocus of -2 µm. Image shift routines
of 2 x 3 and 2 x 2 were used for Cell 1 and Cell 2, respectively, in order to collect
tilt series of a larger area at higher resolution using the microscope control program
SerialEM [275,276]. Tomograms were reconstructed using R-weighted back-projection
with Etomo employed in the IMOD software package (version 4.7.15) [242].

2.3.5

Segmentation and quantitative three-dimensional analysis

To decrease the time required to segment relevant features and to decrease background noise, the tomographic volume was binned by 4 in the X/Y dimensions and
by 2 in the Z dimension. Rendering of the 3D surface of the tomograms was achieved
by using the IMOD software package (version 4.7.15) [242, 247]. Surface models were
produced by manually tracing areas of interest. Quantitative measurements of cellular features (e.g. Golgi cisternae) was done using the imodinfo program which is a
part of the IMOD software package [242].

2.4

Results

2.4.1

Volume generation for the examination of NC-Golgi interactions.

Alphavirus CPV-2s have been implicated as transport vesicles for viral glycoproteins and nucleocapsids (NCs) and have been observed forming directly from Golgi
cisternae with VEEV, but their formation and localization in a cell during a CHIKV
infection is not well established. Studies with electron microscope tomography with
VEEV-infected BHK cells established a possible mechanism for CPV-2 formation directly from the Golgi cisternae [259]. Based on these studies it was hypothesized
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(a)

(b)

(c)

(d)

Fig. 2.1. Overview of collected volume area in both the EM density
and post-segmentation in Cell 1. (a) BHK cells were infected with the
vaccine strain CHIKV for 12 hours, high-pressure frozen, and freezesubstituted according to protocol laid out in methods. The red lines
represent the smaller imaging panels that comprise the ﬁnal volume
that was a montage of six imaging tilts. N1: nucleus in cell 1. N2:
nucleus in cell 2. Scale bar: 2 µm. (b) Higher zoom of the black boxed
area in (a). Scale bar: 1 µm. (c) Overview of the volume showing
features that were segmented. Any nucleocapsid-bearing membrane
was segmented along with the nuclear membranes of N1 (red) and
N2 (brown). The Golgi are depicted in green, vacuolar membranes in
yellow or blue, and nucleocapsids in red. (d) Higher zoom of the area
in the black box in (c) 2.5X magniﬁed.
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that the Golgi would be involved in the initial stages of CPV-2 formation in CHIKVinfected mammalian cells. To investigate CPV-2 formation, multiple Golgi stacks
and nearby cytoplasmic areas were required to sample a large population of CPV2s [259, 277]. Timepoints were screened at later times of infection using TEM to
establish a time where suﬃcient CPV-2s were present, but not so late that the Golgi
stacks were no longer discernible as was seen with wt CHIKV-infected cells at 24 hpi
(Figure A.2). From this screening, 12 hours post-infection was chosen and cells were
identiﬁed for further large-area tomographic imaging. Large imaging volumes were
used to sample possible intermediate stages of CPV-2 formations spanning from the
majority of the Golgi in the cells to the plasma membrane (Figure 2.1, Figure A.3,
Figure 2.3).
Montage electron tomography was used to generate two volumes that contained
perinuclear Golgi stacks and portions of the plasma membrane at a resolution sufﬁcient to observe viral NCs (the deﬁning characteristic of CPV-2s). At each tilt
montage images were collected (Cell 1: ∼9 µm x 16 µm x 1.25 µm and Cell 2: ∼8
µm x 5 µm x 1 µm; Figure 2.1a and Figure A2, respectively) and used to reconstruct
volumes that corresponded roughly to 9% of a BHK cell for cell 1 and 2% for cell 2
(Based on average size of human ﬁbroblast ∼2000 µm3 [278]). Golgi cisterna (green;
Figure 2.1c and d), CPV-2s (yellow and blue; Figure 2.1c and d, and NCs were segmented by manual tracing with the IMOD program [242]. To allow easier visual
analysis in 3D, a computer-generated mesh overlay was used to join these tracings
(contours) into continuous surfaces as seen in Figure 2.1c and d. Only organelles
that showed NC associations were segmented to limit crowding of the visualization of
the NC-interacting membranes; organelles, such as mitochondria, were therefore not
segmented. However, the nuclear membranes of the two cells in the Cell 1 volume
were segmented for orientation purposes even though they did not exhibit associations
with NCs (Figure 2.1c). The volume of Cell 1 allowed the analysis and visualization
of two Golgi stacks and 794 CPV-2s that were present within the CHIKV-infected
cell.
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(a)

(b)

(c)

(d)

(e)

(f)

(g)

(h)

(i)

(j)

Fig. 2.2. Golgi A 3D modeling. (a-d) Slices through the tomograph
showing areas of Golgi A from Cell 1 CHIKV infection. (e-h) Same
slices as depicted above with the addition of segmentation lines to
illustrate how contours are executed. Each cisterna is depicted in
a diﬀerent color that corresponds to the 3D coloration. (i) 3D segmented Golgi stack A. Nucleocapsids were observed only on the one
cisterna (green). There are a total of 27 nucleocapsids. (j) Top: Front
side of cisterna A1 with 26 nucleocapsids. Bottom: Back side of A1
with 1 nucleocapsid.
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2.4.2

Golgi cisternae had limited interaction with CHIKV NCs.

A previous electron tomography study with VEEV noted NCs interacting directly
with Golgi cisternae, so the CHIKV NCs were expected to interact with the Golgi
cisternae in a similar manner [259]. In alphaviruses, NCs are formed from association
of the viral RNA genome with capsid proteins. These NCs bind to membranes through
interaction of capsid proteins with the endodomain of the E2 glycoprotein [170, 279].
To examine if similar NC-Golgi interactions were occurring during a CHIKV infection,
3 Golgi stacks (designated A, B, and C) consisting of 6 cisternae each were examined
in the tomograms generated for Cell 1 and Cell 2 (Figure 2.1, Figure A.3b-d). Since
Golgi A and B showed the most structural changes from what is observed in uninfected
Golgi stacks, these two Golgi had every cisternae modeled [254]. Overall, the ﬁrst
cisterna in each Golgi examined showed only 1-3 NCs in association total, except for
Golgi A (Golgi A: 27 NCs, Golgi B: 1 NC, Golgi C: 3 NCs).
The ﬁrst cisterna of Golgi A exhibited the highest number of NC interactions of
all the cisternae in the tomographic volume with 27 NCs bound (A1 in Figure 2.2;
additional views of all cisternae from Golgi A depicted in Figures A.4 and A.5), but
had NC interactions that were diﬀerent from those observed in VEEV. Firstly, the
Golgi cisternae in the VEEV-infected cell had a higher NC occupancy overall with
72 NCs on average per the ﬁrst cisterna for the six Golgi stacks that were observed
in the VEEV tomographic volume. Secondly, unlike the VEEV NC interactions with
the Golgi cisternae, the CHIKV NCs exhibited no budding into the Golgi membrane,
but appeared to just be attached to the Golgi membrane (Figure 2.2b-c, f-g, i). In
contrast, the VEEV NCs were observed to bud into the Golgi compartment causing
dramatic curling at the ends of some cisternae and even had some NCs close to being
fully budded into the Golgi cisternae [259]. Since there was no observed budding
of NCs on the CHIKV Golgi, there was an absence of cisternae that exhibited the
dramatic bending.
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Cisterna A1 in the CHIKV-infected cell did show a slight membrane curvature,
but the NC occupancy did not cause suﬃcient bending for the distal ends to meet
and join forming a CPV-2 (Figure 2.2). Some of the VEEV cisternae had areas with
bound NCs that had shallow curvatures where the NCs did not appear to be actively
budding into the membrane, however, the amount of NCs present was much higher
than what was observed with CHIKV. The shallow curvature was attributed to the
membrane wrapping around the NCs [259]. The occupancy of NC per surface area was
compared between the two viruses and (NC/µm2 ) was very similar for both datasets
at 1.0 x 10−2 NC/µm2 for CHIKV and 1.1 x 10−2 NC/µm2 for VEEV. While there
was interactions of NCs with Golgi cisternae in the CHIKV infection, the extent of
the NC interactions were not high enough to cause appreciable changes in the Golgi to
form CPV-2s directly without further NC interactions at this time during infection.

2.4.3

Nucleocapsids are predominately associated with cellular membranes.

Having observed that NCs had a much lower level of interaction with Golgi at 12
hpi than VEEV, it was predicted that NCs would instead be primarily interacting
with the CPV-2s, as these structures have been previously shown to be Golgi-derived
in other alphaviruses such as SFV and are also thought to be transport vesicles for
the viral glycoproteins [179, 280, 281]. To extend the analysis past the areas directly
around Golgi stacks, a large portion of the NCs in the entire tomographic volume
was segmented by ﬁtting a sphere that approximated their average surface area and
volume in 3D. All of the modeled NCs were quantiﬁed and sorted based on their
associated cellular membranes (CPV-2s, plasma membrane, etc.) or lack thereof (i.e.
free in the cytoplasm). In total, 9,598 NCs were identiﬁed and segmented within the
entire 3D volume. The vast majority of the NCs were associated with some kind of
cellular membrane (9,358 NCs, Table 2.1) and not free in the cell cytoplasm (240 free
NCs). NCs were observed to interact with the following groups of membranes: the
plasma membrane, the Golgi apparatus (discussed previously), and CPV-2s.
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Table 2.1.
Localizations of nucleocapsids in tomographic volume.
Subcellular location

Number of nucleocapsids

Plasma membrane*

168

Single-membrane CPV-2s Total

5493

Double-membrane CPV-2s Total

3670

Golgi apparatus

27

Free in cytoplasm

240

*It should be noted that there was only a small portion of
plasma membrane available for analysis.

When the membrane groups were compared, the vast majority of NCs were present
on CPV-2 membranes as predicted (Table 2.1). The NCs that were free in the cytoplasm were signiﬁcantly lower than those NCs associated with the CPV-2s (2.5%
of all NCs, Table 2.1). Potentially, some of the free cytoplasmic NCs were actually
associated with cellular membranes, but the membranes may be oriented in such a
manner to make visualization diﬃcult, therefore the level of free NCs may actually
be even lower. Overall, the cellular membranes with the highest associations of NCs
were the CPV-2s. The localization of VEEV NCs was also examined by Sengupta et
al. and a similar trend was observed, although the total number of NCs interacting
with Golgi stacks was higher [259].

2.4.4

CHIKV CPV-2s have either single or double membranes similar to
other alphaviruses.

During the course of generating 3D surface maps of the NC-associated membranes,
two distinct types of virus-induced CPV-2 membrane structures were observed as have
been noted previously. The majority of these CPV-2s observations were done in TEM
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(a)
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(d)
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(i)
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Fig. 2.3. Depictions of the SM-CPV2s and the DM-CPV2s and their
overall distributions in the 3D volume. (a) Tomographic slice of an
SM-CPV2. (b) 3D model of the same SM-CPV2 from a with the nucleocapsids depicted in red and outer membrane depicted in blue. (c)
Tomographic slice of a DM-CPV2 both inner and outer membranes.
(d) 3D model of DM-CPV2 from c with nucleocapsids on the outer
membrane in red and the inner membrane in blue. (e) Tomographic
slice of another SM-CPV. (f) Same SMCPV2 in e as a 3D model. (g)
Tomographic slice of an additional DM-CPV2. (h) Same DM-CPV2
in g as a 3D model. (i) Distribution of SM-CPV2s in the tomographic
volume with nuclear membranes (red and brown) and one plasma
membrane (purple) marked for orientation purposes. (j) Distribution
of DM-CPV2s in the tomographic volume. All scale bars: 50 nm.
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studies and described NCs only on the cytoplasmic side of the outer membrane of
vacuoles [181, 282]. These membrane structures will herein be referred to as singlemembrane CPV-2s (SM-CPV2s; Figure 2.3a,b,e,f). The second type was observed
in early electron transmission studies of Semliki Forest virus [181, 283] and Mayaro
virus [282], but was only described as enveloped particles within CPV-2s.
As far as we know the two CPV-2 types have not been observed in CHIKV and
have only been noted directly in previous work with SINV and VEEV [259, 284].
These membrane structures are characterized by double membranes with NCs on the
luminal side of the inner membrane in addition to NCs on the cytoplasmic side of
the outer membrane (Figure 2.3 c,d,g,h). In addition, the distance between the inner
and outer membranes varies with some DM-CPV2s having little distance between
the two membranes and others exhibiting The NCs that were bound to the inner
membrane were observed to be in various states of envelopment. It is assumed that
if there is enough inner membrane present the internal NCs could eventually form
fully enveloped viral particles as long as there were enough glycoproteins present for
capsid-E2 interaction. These vacuoles will be referred to as double-membrane CPV-2s
(DM-CPV2s).
When the two types of CPV-2s were compared by their distributions in the volume
there were areas of overlap between the two types, but there was no particular area
of the cell where they were more prominently localized. Figure 2.3 (i) and (j) depicts
the 3D distributions of the SM-CPV2s and the DM-CPV2s, respectively. There
were instances of both the SM-CPV2s and the DM-CPV2s clustering together, but
this association did not appear to occur through membrane connections. Instead,
the clustering occurred because both types of CPV-2s were sharing NCs. In total,
there were 794 individual CPV-2s segmented and analyzed. Volume and surface area
measurements were made of each group for comparison. Overall, since the SM-CPV2s
showed more variability in their morphologies, both the average volume and surface
area were larger than the DM-CPV2s (Table 2.2).
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Table 2.2.
CPV-2 measurement statistics.
CPV-2 Characteristic Measurement
SM-CPV2s (n = 286)
Average volume

2.39 x 103 µm3

Average surface area

1.11 x 102 µm2

DM-CPV2s (n = 508)

2.4.5

Average volume

1.83 x 103 µm3

Average surface area

7.17 x 101 µm2

Morphological diﬀerences between groups of SM-CPV2s

Alphaviruses are known to be ineﬃcient in viral release since early kinetics studies
demonstrated that the majority of the produced capsid protein does not ultimately
become incorporated into viral particles and thus, becomes stuck at some point during
assembly [285]. We posited that while CPV-2s were a possible mechanism for transport of the NCs to the plasma membrane some CPV-2s may also represent dead-ends
for some of the NCs. To diﬀerentiate which SM-CPV2s were possible precursors for
the DM-CPV2s versus dead-end products (i.e. NCs that become trapped and are not
released) and to further examine possible routes of formation for the SM-CPV2; surface area to volume ratios were calculated from the computer-generated mesh-overlays
of the SM-CPV2s and used to organize them into groups with similar morphologies
(Figure 2.4 and Figure 2.5). Using this type of analysis, a total of four groups were
established. Group A was comprised of small, approximately spherical vacuoles (Figure 2.4a). This group was considered a dead-end product because there would not be
enough membrane available to form a DM-CPV2. Group B had the largest internal
volumes and some members had an additional tubular extension that projected oﬀ the
main vacuole indicating that they may have once been connected to other membranes
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(Figure 2.4b). Group C was characterized by having paired membranes that had a
relatively small luminal distance that remained uniform throughout (Figure 2.5a).
Most of these SM-CPV2s had curvature of their membranes where both sides of the
ﬂatten membrane exhibited curvature in the same direction. Group D showed a lack
of membrane pairing and had no NCs at the distal ends which were the regions of
highest curvature (Figure 2.5b). Additionally, the NC-bound areas of the membrane
appeared to curve inwardly (i.e. concave) independent of the opposing membrane.
Some of the SM-CPV2s that were present in groups C and D also appeared to be
close to the closure of their membranes to form DM-CPV2s, which was indicated by
only a small pore opening being present.
From this analysis, it became clear that the SM-CPV2s groups with the most
likelihood of becoming DM-CPV2s were those from Group C and Group D (Figure
2.5). To illustrate the possibility that CPV-2s from these two groups that appeared
to be the closest to becoming DM-CPV2s could become DM-CPV2s, (i.e. almost
fully closed) these groups had their inner membrane areas and outer membrane areas
measured and compared to those of the DM-CPV2s.From this, it was determined
that while the morphologies in each of the groups were similar, not all of the SMCPV2s in either group had the necessary amount of membrane surface area to form
a DM-CPV2. However, if SM-CPV2s had morphology more similar to Group D the
potential to form DM-CPV2s appeared more likely because they could form smaller
inner membrane areas.

2.4.6

DM-CPV2s can be divided into two populations with diﬀerent interbilayer distances.

All of the DM-CPV2s were visually examined for the uniformity of distance between their inner and outer membranes (interbilayer distance; Figure 2.6). From
this analysis, two diﬀerent DM-CPV2 groups were identiﬁed based their interbilayer
distance. In the ﬁrst type, the interbilayer distance remained uniform for the entire
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(a)

(b)

Fig. 2.4. SM-CPV2s groups established by the surface to volume
ratio. (a) Group A was characterized by having small, approximately
spherical shapes. (b) Group B was overall large in volume and in
some cases had some membranous extensions like those seen in the
ﬁrst two panels. All scale bars: 200 um.
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(a)

(b)

Fig. 2.5. Additional SM-CPV2s groups established by the surface to
volume ratio. (a) Group C were characterized by having short thin
membranes. (b) Group D were approximately ﬂat membranes that
showed curvature on either one side or both. All scale bars: 200 um.
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structure, such that the inner and outer membranes were always the same distance
apart (Figure 2.6 a,b,e,f,i,j,m). These were classiﬁed as paired (having two closely apposed membrane bilayers). The second type showed asymmetry in their interbilayer
distances to the extent that the inner portion of the DM-CPV2 appeared oﬀ-center
(Figure 2.6 c,d,g,h,k,l). There was also a third population that could not be classiﬁed
based on their interbilayer distances because they contained viral particles instead of
an inner membrane (Figure 2.6n). It was assumed that this DM-CPV2 population
had once had an inner membrane, but it had since been wrapped around the inner
NCs.
Of the total 508 DM-CPV2s, 307 did not have paired inner and outer membranes,
174 had paired membranes, and 27 had internal viral particles or had indiscernible
internal membranes (Figure 2.6p). The state of budding of the inner NCs appeared to
be dependent on the state of the membrane pairing. The DM-CPV2s that exhibited
uniform interbilayer distances had internal NCs that did not appear to be actively
budding, possibly due to a higher NC membrane occupancy. Those DM-CPV2s
that had the irregular pairing of their membranes exhibited NCs in various stages
of budding, from partial envelopment to fully enveloped particles. Based on these
observations it was hypothesized that the diﬀerent membrane pairing states of the
DM-CPV2s were forming from SM-CPV2s with similar membrane states (i.e paired
SM-CPV2s give rise to paired DM-CPV2s).

2.4.7

Modiﬁcation of the Golgi cisternae

After 3D surface maps of all the cisternae in Golgi A and Golgi B were generated,
the volumes of each individual cisterna were calculated (Table A.1). Normally, the
Golgi stack has the cis-side oriented towards the nucleus to receive cargo from the ER
and the trans-side is oriented away towards the plasma membrane [286]. Additionally,
the volume of the cisternae generally increases slightly from cis to trans. However,
the polarity of the Golgi stacks in the tomograms was unclear because the cisternae
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Fig. 2.6. Representations of membrane states of DM-CPV2s. (a, b, e,
f, i, j) Tomographic slices of DM-CPV2s showing uniform interbilayer
distances and their representations in 3D models. Inner membrane
nucleocapsids (blue) and outer membrane nucleocapsids (red). Scale
bars: 100 nm. (m) Zoomed in view of the same DM-CPV2 in i Scale
bar: 50 nm. (n) DM-CPV2 with fully enveloped viral particles. Scale
bar: 100 nm.(c, d, g, h, k, l) Tomographic slices of DM-CPV2s that
exhibit non-uniform interbilayer distances and their 3D models. Scale
bars: 100 nm. Zoomed in view of the same DM-CPV2 depicted in k.
Scale bar: 50 nm. (p) DM-CPV2 that could not be categorized by
its interbilayer distance because it only contained dark density on the
inside. Scale bar: 100 nm.
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with the higher volumes were not consistent in their relation to the nucleus (Figure
2.2, cisternae A1 and A2 oriented towards the nucleus; Figure 7 cisternae B1 and B2
oriented away from the nucleus). The polarity of Golgi in the VEEV-infected cell
could not be determined because there was no nucleus present in the tomographic
volume. It is assumed that cisternae that have any NC interaction are trans-cisterna
because of the maturation steps of the glycoproteins [166, 287]. In order for the
interaction of the nucleocapsids with the endodomain of E2 to occur the E2 protein
needs to be palmitoylated to move the endodomain out of the outer leaﬂet of the lipid
bilayer [165].
Of all the cisternae investigated, the ﬁnal two cisternae in each CHIKV-infected
cell Golgi stacks showed the most change in volume compared to all the preceding
cisternae (Table A.1). For example, in Golgi B cisterna B2 exhibited a structure
that was perpendicular in plane to the other cisternae and exhibited a larger luminal
volume than cisterna B3 (Figure 2.7c). Additional views of this cisterna are displayed
in Figure A.6d-f. Golgi A also exhibited a similar morphology in cisterna A2, but
the overall size was much smaller (Figure 2.2i and Figure A.4d-f). Interestingly, both
of these modiﬁed areas contained fenestration. Additionally, while the Golgi stacks
investigated in the VEEV infection (12 hpi) had a short distance between their Golgi
membrane faces (luminal distance); the CHIKV-infected cell Golgi NC-associated
cisterna had larger average luminal distances, indicating that not only has the Golgi
cisterna increased in volume, but the normal Golgi membrane pairing has changed as
well.

2.5

Discussion
Large-area electron tomography was used to image and study a large portion of

a CHIKV-infected mammalian cell at 12 hpi. This type of study facilitated new
information about the prevalence of CPV-2s of both single and double membrane
formations in the context of the cell, the morphological changes that occur to Golgi
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(a)

(b)

(c)

(d)

(e)

Fig. 2.7. 3D modeling of Golgi B. (a) Tomographic slice showing the
six cisternae with traced colors that correspond to c. (b) Cisternae at
a diﬀerent z-height than a. (c) 3D model of entire Golgi B stack. (d)
Additional slice of cisternae. Note the shape of B1. (e) Tomographic
slice displaying structure of B2. Scale bars: 500 nm.
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during an alphaviral infection from a 3D perspective, and the importance of volume
size in determining a possible mode of formation for viral-induced membrane structures like CPV-2s. Additionally, the morphometric measures of these structures were
computed to establish membrane structures that were intermediates in a distinct
CPV-2 formation pathway, from those that represented possible dead-end products.

2.5.1

Only certain SM-CPV2s constitute intermediates on the way to
becoming DM-CPV2s.

During the course of morphological analysis, it became clear that particular SMCPV2s were in the process of forming DM-CPV2s (Figure 2.5). These SM-CPV2s
exhibited a sheet-like morphology with bound NCs, which appeared to cause curvature
of the membrane. Additionally, within the C and D SM-CPV2 groups, there was a
small population of SM-CPV2s which appeared to be almost closed to form the DMCPV2s (Figure 2.5). These SM-CPV2s only had a small pore-like opening to the
cytoplasm but otherwise had the membrane arrangement of the DM-CPV2s. Due to
this ﬁnding, as well as the prevalence of the CPV-2s structures in the tomographic
volume, here we present a model for the formation of the DM-CPV2s from the Golgi
during CHIKV infection (Figure 2.8).
First, the Golgi loses its preferred structural arrangement and then its membranes
disassemble. Many of the membrane regions of the trans-Golgi cisterna increase in
volume and then disassemble to form vacuoles with larger internal volumes like those
seen in Group B of the SM-CPV2s (Figure 2.4b). These CPV-2s acquire NCs on
their outer membranes because they have viral glycoproteins available for the binding
(i.e. speciﬁcally glycoprotein E2 binding to capsid) [108, 115, 116, 279]. Other areas
of the Golgi cisternae as they break apart maintain their membrane pairing and
have luminal distances similar to those of undisrupted Golgi cisterna. Based on the
distance between the opposing membrane sheets these Golgi fragments will result in
SM-CPV2s of either Group C or Group D (Figure 2.5a and b). Within the C and
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D groups of CPV-2s, there are many that appear to be in the process of becoming
DM-CPV2s. Some of these show a cup shape indicating that the membrane is curving
around to form the ﬁnal double membrane and when the ends meet the membranes
will fuse. Before a DM-CPV2 is fully formed, it would be necessary for the closure of
the two membranes, but currently, this happens through an unknown process.
One model for how ﬂattened vesicles close to form double-membraned vesicles
involves the ﬁssion and then fusion of the membranes. The scission model suggests
that initially, the vesicle has two concentric membrane rings that are attached by a
small membrane neck. This is then followed by ﬁssion of the neck which leads to two
separate membranes that each have a small pore. The small pores close via fusion
forming the ﬁnal double membrane structure [288].
After closure, those NCs that are bound to the inner membrane (Figure 2.8E) will
continue their envelopment as long as there is suﬃcient membrane and glycoprotein
spikes available to form mature virions with complete envelopes. The CPV-2s with
internal NCs (and also virions) traﬃc to the plasma membrane most likely through
cytoskeletal elements, then the internal contents are thought to be expelled into the
extracellular space through the fusion of the CPV-2 with the plasma membrane.
There are instances of small vesicles containing multiple NCs being released from
cells and this model would be a possible explanation of how they occur. An example
of one of these is shown in Figure A.8b in a wildtype CHIKV-infected BHK cell.

2.5.2

Interbilayer distance in DM-CPV2s indicates the state of the membrane prior to DM-CPV2 formation.

The pairing of the membranes of the DM-CPV2s (n = 508) was visually classiﬁed
into either uniform interbilayer distance, non-uniform interbilayer distance, or neither
if the membrane interbilayer distance could not be determined (Figure 2.6). Those
that had uniform interbilayer distances are assumed to have occurred from segments
of the Golgi that still maintained their paired membrane conﬁguration, whereas those
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Fig. 2.8. Model of single-membrane and double-membrane CPV-2
formations with CHIKV. (A) Normal Golgi before infection in the
perinuclear area of the cell. (B) Golgi cisternae increase in luminal
volume due to an unknown mechanism and start to break apart to
form various single-membraned CPV-2s (SM-CPV2s). (B1) Large
volume SMCPV-2s (See Fig. 2.4b). (B2) SM-CPV2s that go on to
form double-membrane CPV-2 (DM-CPV2; See Fig. 2.5a,b). (B3)
Small volume SM-CPV2s that are too small to close (See Fig. 2.4a).
(C1) Closing intermediate SM-CPV2 that has paired membranes
(Fig.2.5a). (C2) The other intermediate SMCPV-2 that has nonuniform membranes. (D1) DM-CPV2 with symmetrical inner and
outer membranes. Inner NCs in blue and outer NCs in red (Fig. 2.6).
(D2) DMCPV-2 with non-symmetrical inner and outer membranes
(Fig. 2.6). (E) DM-CPV2 that has internal nucleocapsids undergoing
envelopment. If there is not a large enough proportion of inner membrane then the nucleocapsids will only be partially enveloped. (F)
Vesicle with fully enveloped nucleocapsids which occurred because
there was suﬃcient inner membrane surface area to nucleocapsid surface area (Fig. 2.6n). (G) The vesicles traﬃc to the plasma membrane
via an unknown mechanism where the internal contents are expelled
and the remaining nucleocapsids are deposited on the plasma membrane.
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DM-CPV2s that had non-uniform interbilayer distances were assumed to occur from
segments of Golgi that had lost their paired membranes (Ex. cisterna B2, Figure
2.7). It is unclear what maintains the pairing of the membrane, but it is assumed
that there is some membrane spanning cellular protein or protein complex since the
distance remains so regular amongst the paired DM-CPV2s (Figure 2.6).
Without paired membranes, the NCs appear to be more readily able to bud into
the inner membrane of the SM-CPV2s to form viral particles. This may explain why
the predominant species of the DM-CPV2s were those with non-uniform interbilayer
distances. Additionally, this may also indicate that the Golgi were overall heading
down a disintegration pathway that would eventually abolish the native Golgi membrane stacking entirely. Indeed, at a later timepoint (24 hpi) loss of the entire Golgi
stack morphology has been observed with the wt CHIKV microscopy indicating that
as the infection progresses towards Golgi disassembly (Figure A.2).

2.5.3

Similarities and diﬀerences from VEEV-infection

CHIKV and VEEV CPV-2s have many similarities in regards to their assembly
and egress. Most notably, the formation of both SM-CPV2s and DM-CPV2s. Overall,
the morphologies of the CPV-2s are similar, but the ratios between the two membrane
arrangements are diﬀerent with CHIKV having a higher amount of DM-CPV2s to SMCPV2s. Additionally, both viruses utilize the Golgi membrane for the formation of
these structures, but the VEEV appears to directly form CPV-2s on the Golgi stack,
whereas CPV-2s in the CHIKV infection come from disassembled Golgi membranes.
The amount of alteration and interaction with the NCs appeared to be the primary
diﬀerence between the two viruses. The interaction of the NCs with the Golgi stack
(primarily the ﬁrst cisterna) in the VEEV infection was greater in number than
those observed with the CHIKV infection. Moreover, while in the CHIKV infection
only one cisterna of all of the Golgi stacks analyzed had any appreciable interactions
with NCs, nearly all of the six Golgi in the VEEV tomographic dataset had NCs
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bound [259]. The diﬀerence in NC-Golgi interaction could be attributed to the level
of glycoproteins available for binding, level of nucleocapsid production, and/or level
of genome produced. It still remains unclear if at earlier timepoints (prior to 12 hpi)
if a CHIKV-infected cell Golgi would appear more similar to what is occurring with
VEEV. Regardless of where the Golgi membrane is (free or part of the stack), the
mechanism of DM-CPV2 appears to occur in a similar fashion. The NCs bind to a
membrane that has glycoproteins present and the NC binding aﬀects the curvature
of the membrane either by bending the membrane if it is a more rigid paired area or
by budding into the membrane. If there is enough membrane for the ends two meet,
then a pore forms and eventually closes producing the DM-CPV2.

2.5.4

DM-CPV2 formation is similar to the formation of other doublemembrane organelle processes.

The formation of the DM-CPV2s may be analogous to other double membrane
formation processes that occur in eukaryotic cells [288]. Some of the most well studied
double-membrane formations in mammalian cells are autophagosomes [289]. After
autophagy is induced in a cell, a membrane forms in the cell cytoplasm to isolate
cellular cargo for degradation from an unknown membrane source, though evidence
suggests that the ER is involved [290–292]. The isolation membrane increases in size
by adding more lipids and ﬁnally closes around the cargo via a mechanism similar to
the ﬁssion-fusion model [288]. These isolation membranes show curvature similar to
what is observed with some of the SM-CPV2s, particularly those in groups C and D
(Figure 2.5).
A similar mechanism of double-membrane vesicle formation occurs with Poliovirus
and Coxsackie B3 viruses but is associated with their replication proteins instead of
the structural proteins as presented here [186]. In these viruses, the viral integral
membrane proteins induce curvature of the Golgi membranes allowing the formation
of tubular structures [185]. Other viral replication proteins interact with these viral
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membrane proteins. Then, host factors and the viral RNA associate with the replication complex by protein-protein and/or protein/RNA interactions. Single-membrane
vesicles may then bud out and form double-membrane vesicles which become predominant later in infection [185, 203]. The formation of DM-CPV2s in alphaviruses could
represent a good model system to study further the discrete steps of how circularization of membranes occurs and how those membranes close because the NCs represent
an easily discernible internal marker. Additionally, NCs could be used to isolate the
membranes and to analyze what host proteins may be involved in the process.

2.5.5

Association of nucleocapsids with cellular membranes

It is clear from this work that the vast majority of NCs are associated with cytoplasmic membranes. This goes against the previous idea that capsid proteins were
assumed to stochastically interact with the viral genome in the cytoplasm to form
nucleocapsids and through diﬀusion, they made their way to the plasma membrane
for association with the glycoproteins and budding [167]. This particular model is
problematic because the size of NCs is probably too large for diﬀusion and additionally, the cytoplasm is actually quite crowded which also subverts the diﬀusion
model [169, 293]. This study represents the largest count of NCs of an alphavirus
that has been attempted thus far. Based on our ﬁndings there were very few NCs
not associated with a membrane (Table 2.1). Particularly, the CPV-2s showed the
highest association with NCs at this timepoint, which suggests that these membranes
may serve as transport structures for the NCs.
Due to a large amount of NCs present in the tomographic volume, the site of
NC assembly was obscured and could not be determined. However, it has been
suggested previously that NC assembly occurs right outside of the virally-induced
membrane spherules [294]. In both of the tomographic volumes (Cell 1 and Cell 2),
spherules were observed at the plasma membrane, but none of the spherules had
any direct interactions with NCs (data not shown). It is assumed assembly would
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occur near the spherules that are present at the plasma membrane and in CPV1 membrane structures at the perinuclear area near Golgi since they produce the
virus genome, but it is unknown how the NCs traﬃc from the spherules to the Golgi
membranes or to the plasma membrane after association of the viral genome with
the viral capsid proteins. Additionally, the ability of spherules to be internalized to
form CPV-1 structures with CHIKV has been challenged by Thaa et al., though we
have observed CPV-1 structures in wt CHIKV (Lamu-strain) at 24 hpi, in addition
to plasma membrane spherules (Figure A.8) [239]. It is possible that these CPV-1s
formed from some other cellular pathway.

2.5.6

Involvement of other structural proteins in CPV-2 formation

The presence of glycoprotein spikes on Golgi-derived membranes is a prerequisite
for any CPV-2 formation since CPV-2s are deﬁned by the presence of NCs attached
to the membrane. NCs become bound to membranes through the interaction of the
C-terminal domain of the E2 glycoprotein after it is palmitoylated at speciﬁc residues
that are conserved among all alphaviruses [165, 295]. This palmitoylation causes the
cdE2 tail to ﬂip to the cytoplasmic side of the membrane, allowing a capsid protein to
interact [17, 174, 295, 296]. It is unclear from our study how occupied the membranes
of the various CPV-2s are by the viral glycoproteins since the glycoprotein spikes
were not directly measured. This leads to some ambiguity in regards to determining
if all the internal NCs would form into viral particles. In a mature viral particle,
there are 240 copies of the glycoprotein spikes which are bound to an equal number
of capsid proteins in the NC [15]. If the inner membranes of the DM-CPV2s did not
have enough glycoprotein spikes present to bind with all of the capsid proteins in the
NCs, then not all of the inner NCs would become viral particles, just based on that
criterion alone. So despite if there was enough membrane present for the envelope of
a NC in the inner membrane of a DM-CPV2 full envelopment may still not occur.
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The glycoprotein spikes may be necessary in the formation of the initial SMCPV2s. The classiﬁcation of the SM-CPV2s showed that there were groups of SMCPV2s that exhibited sheet-like morphologies (groups C and D; Figure 2.5). On these
SM-CPV2s, binding of the NCs only occurs on the ﬂattened edges and not on the
areas of high curvature at the ends. Glycoproteins are thought to form hexagonal
arrays in membranes through lateral interactions between individual glycoprotein
spikes [179, 297]. The presence of glycoprotein arrays may explain the morphologies
of the SM-CPV2s and also explain the bending of the membranes in the areas of NC
association. The lateral interactions of the glycoproteins may also be responsible for
the exclusion of cellular membrane proteins that may be present in the membrane
since it has been shown that in mammalian cells alphavirus particles do not contain
any cellular proteins [15, 298, 299]. More study into the arrangement of glycoproteins
in the CPV-2s may help to establish to what extent they determine CPV-2 structure.
The other structural proteins, 6K and its transframe protein TF, may also be
involved in the formation of CPV-2 structures. The 6K structural protein has been
shown to be present in the Golgi through colocalization studies with the Golgi marker,
giantin [129]. Additionally, it has been shown to be oriented into the membrane
through two transmembrane segments and some fatty acid chains. The 6K protein
has been shown to disrupt cell membranes and is speculated to inﬂuence which lipids
are incorporated by selecting lipids that may promote a more deformable membrane
bilayer that would facilitate membrane curvature [122]. Additionally, a Sindbis 6K
knockout mutant demonstrated that the formation of CPV-2s may not occur without
6K (or TF) [128, 129]. This also suggests that the lipid composition of the CPV-2
membranes may inﬂuence their morphology, along with the glycoprotein spike-NC
interactions.
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2.5.7

Lipid diﬀerences may aﬀect CPV-2 production

The eukaryotic cell plasma membrane is mostly composed of sphingolipids, glycerophospholipids, and cholesterol. With alphaviruses, budding is said to be cholesteroldependent so it was assumed that budding had to occur at the plasma membrane.
Changes in lipid production could, therefore, have eﬀects on the rate and eﬃciency
of viral budding and egress. Additionally, changes in lipid production may inﬂuence
the amount of CPV-2s generated and the structural morphology of those CPV-2s. In
a comparative study by Ng et al. their TEM experiments showed larger numbers of
nucleocapsids attached to the cytoplasmic surface of CPV-2s (26) in ﬁbroblasts from
patients with type A Niemann-Pick disease (NPAF) than in normal human ﬁbroblasts (NHF), indicating that there was a higher amount of CPV-2s in the NPAF [300].
Type A Niemann-Pick disease is a lipid storage disease caused by a mutation in the
gene which produces the enzyme sphingomyelinase, which is found in lysosomes [301].
Without this enzyme cellular sphingolipids build up in the cell. This result indicates
that an increase in a particular lipid could aﬀect the amount of CPV-2s produced
and could account for diﬀerences between individual cells in CPV-2 production, as
well as, diﬀerences in CPV-2 production between diﬀerent alphaviruses. This observation could also explain why CPV-2s have not been observed in alphavirus-infected
mosquito cells since they are cholesterol auxotrophs and have diﬀerent lipid compositions [284, 302–304]. Further studies into how lipid composition could aﬀect the
formation of CPV-2s may help to further elucidate their role in the viral lifecycle.

2.5.8

Possible modes of Golgi structure breakdown

From the 3D modeling of the two Golgi stacks in the Cell 1 tomographic volume,
it was clear that the canonical structure of the Golgi were being disrupted (Figure
2.2 and Figure 2.7) [305]. Particularly, the second cisternae from both Golgi A and
B showed an altered morphology. When compared to the other cisternae in their
respective Golgi stacks, these cisternae had large portions that were not in the same
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plane as the rest of the other cisternae. These areas were oriented approximately 90
degrees out of plane from the other cisternae. This was most dramatic in Golgi B,
which had the largest area of this orientation change (Figure 2.7c and A.6d-f). Additionally, these regions showed an increase in volume when compared to neighboring
cisternae (Table A.1). It is unclear what the direct cause(s) of these Golgi changes
are since so many cellular processes are involved in Golgi structure maintenance.
In mammalian cells, the accepted organization of Golgi stacks consists of ﬂattened cisternae aligned in parallel with their membranes closely apposed to each
other, similar to a stack of pancakes [306]. This type of Golgi stack organization
has previously been demonstrated through electron tomography by Ladinsky et al.
in 1999 in a rat kidney cell [307]. In some eukaryotic cells, all the stacks present
in the cell are linked together to form a juxtanuclear ribbon structure [308]. In the
observed BHK cells, however, the Golgi did not appear to be connected together into
one large ribbon structure. The Golgi is a very dynamic organelle and its structure is
inﬂuenced by both membrane traﬃcking (anterograde and retrograde) and cytoskeletal proteins like GRASPs and golgins. When these membrane traﬃcking pathways
are interrupted, the structure of the Golgi is altered, supporting the idea that Golgi
maintenance requires an appropriate balance of inﬂuxing and outﬂuxing membrane
pathways [309,310]. We hypothesized that the various morphologies of the SM-CPV2s
and the interbilayer diﬀerences in the DM-CPV2s were based on the morphological
state of the Golgi membrane fragments prior to NC interaction.
The capacity of the Golgi is regulated to meet speciﬁc cellular demands which are
reﬂected in its structure. For example, the size of the Golgi is expanded in secretory
cells including goblet cells and secretory mucous cells of the Blunners gland when
compared to less diﬀerentiated cells [311]. Both of these cell types synthesize large
quantities of mucin proteins which require numerous glycosylations [312]. From the
viral perspective, some of the Golgi volumetric changes we observed could be caused
by the backing up of glycoproteins in the secretory pathway. Similar results have been
shown with temperature blocking of alphavirus glycoproteins, in which the Golgi ex-
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hibited swelling in either the cis-Golgi or the trans-Golgi [306, 313, 314]. A similar
study with herpes simplex virus 1 examined the locations of Golgi proteins during
infection and found that at late stages of infection the was Golgi fragmented and
dispersed through tracking of the Golgi proteins [315]. They thought the morphological change of the Golgi was caused by an imbalance of retrograde and anterograde
transport directly related to the viral glycoproteins [315]. It still remains unclear how
the compact areas of the Golgi are maintained during an alphaviral infection, but it
may be related to inherent Golgi proteins keeping the membranes paired.

2.5.9

Conclusions and future directions

The presented work reveals new insights into the complexity of how alphaviruses
can inﬂuence the alteration of cellular membranes, speciﬁcally how these membrane
alterations can occur for assembly and egress of a virus, not just replication. Understanding the variability of the CPV-2 structures would not have been possible
without the membrane preservation achieved through HPF-FS and the acquisition of
a large-volume tomograph. This type of preparation allowed the visualization and
quantiﬁcation of hundreds of CPV-2 membrane structures to establish their possible
formation pathways. The results of this study also provide new views of Golgi structure in cultured mammalian cells that help extend how the Golgi is viewed, despite
the investigation only involving three partially incomplete Golgi stacks [307]. Additionally, in the future, structural protein knockout mutants could be investigated
to see how each of the structural proteins inﬂuence the process of CPV-2 formation,
particularly the formation of DM-CPV2s.

67

3. SINDBIS VIRUS AND CHIKUNGUNYA VIRUS
INDUCED MEMBRANE STRUCTURES IN MOSQUITO
CELLS THROUGH CORRELATIVE LIGHT AND
ELECTRON MICROSCOPY
3.1

Summary
While much is known about how Alphavirus infections progress in mammalian

cells, less is known about what occurs during infection of insect cells despite invertebrates being the primary hosts of these viruses. Alphaviruses are arboviruses so a
major part of the lifecycle of these viruses is in the insect vector, mainly mosquitoes.
One of the issues with studying alphaviruses in mosquito cells is that the cells can
be refractory to infection. When doing electron microscopic studies of mosquito cells
having prior knowledge of which cells are infected can greatly minimize the amount
of time required searching cells for signs of infection and also aids in the discovery
of novel ultrastructure that is related to the virus. Here we employed correlative
light and electron microscopy as a means to identify novel membranous structures in
several subclones (C6/36, C7-10, U4.4) of Aedes albopictus cells infected with a SINV
virus with a mCherry ﬂuorophore inserted at the N-terminus of nsP3.

3.2

Introduction
Most studies of alphaviruses in cell culture have been done in vertebrate cell sys-

tems, but the primary carriers of these viruses are invertebrate vectors. In the case
of alphaviruses, the main invertebrate hosts are mosquitoes, though there are cases
of these viruses being isolated from other arthropods such as mites and ticks [316].
These mosquitoes are typically either of the Aedes aegypti or Aedes albopictus species.
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It is important to note that both of these mosquito species are becoming increasingly
prevalent in North America and the populations of these mosquitoes are predicted to
increase [317, 318]. While in vertebrate hosts an acute infection develops that ultimately results in cell lysis, in invertebrates the development of a persistent infection
often develops for the life of the arthropod vector [319]. This diﬀerence also occurs
with mammalian cells versus arthropod cells with the mammalian cells developing
an acute, lytic infection and the arthropod cells exhibiting a persistent infection that
releases a low level of the virus over time [3]. It is important to understand how
the viruses are maintained in both hosts to discover where the transmission can be
interrupted to control the spread of disease. One example is that host cell macromolecular synthesis is shut oﬀ in vertebrates, but not in mosquito cells, indicating
that the replicative environment for the virus may be very diﬀerent [320].
Most studies of mosquito cells are from cells of A. albopictus that were initially
derived by Singh from mosquito larvae in the late 1960s [321]. It was later discovered
that this cell line was actually a heterogeneous cell population which is now three
subclones referred to as C7-10 [322], C6/36 [323], and U4.4 cells [324]. Past studies
have found that each of these subclones responds diﬀerently to viral infection with
alphaviruses, which suggests that these subclones represent larval cells at various
levels of diﬀerentiation that exist in the whole mosquito [325, 326]. C7-10 cells show
signiﬁcant cytopathic eﬀect (CPE), but some can still become persistently infected
[326]. Additionally, this subclone has been shown to synthesize proteins induced by
hormones and may act a system to study insect hormone responses [327]. C6/36 cells
lack a functional RNAi response because Dcr2 does not cleave the dsRNA into the
RNA eﬀector molecules which are used to silence the complementary RNA molecules
[328]. C6/36 cells are susceptible to many arboviruses, which is why this cell line is the
most widely studied. U4.4 cells are thought to be the cells that are most appropriate
as a representation of an adult mosquito because they most closely mimic what has
been seen with studies of whole insects. In these studies with whole mosquitoes, only
a mild CPE was observed unlike what is observed with the other two subclones [329].
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Despite the diﬀerent CPE responses of the three subclones, alphaviruses are able to
establish a persistent infection, though depending on the subclone some cells may
lyse before persistence occurs [326, 330].
In order to study possible rare membrane modiﬁcations that occur in mosquito
cells correlative light and electron microscopy (CLEM) was employed to target our
search to only cells infected with a mCherry-tagged Sindbis virus. This technique is
useful because it bridges the gap between light and electron microscopy, allowing both
localization of speciﬁc proteins through ﬂuorophores and the context of those proteins
localizations in relation to cellular ultrastructure. There are many diﬀerent modes of
CLEM (reviewed in [331]), here we employed a fairly straightforward methodology
with the goal of distinguishing infected mosquito cells from uninfected mosquito cells.
With our method, the cells are imaged by light microscopy while still living prior
to high-pressure freezing and subsequent freeze-substitution and resin embedding,
sometimes referred to as pre-embedding CLEM.

3.3

Materials and Methods

3.3.1

Cells and virus infection

Aedes albopictus C6/36 mosquito cells were grown in MEM (Invitrogen) supplemented with 10% fetal bovine serum (FBS), L-glutamine, HEPES, and sodium bicarbonate at 30◦ C with 5% CO2 . U4.4 and C7-10 Aedes albopictus mosquito cells were
grown in MEM supplemented with 10% FBS, HEPES, L-glutamine,sodium bicarbonate, and non-essential amino acids. A Toto64 strain Sindbis virus with a mCherry
ﬂuorescent tag in nsP3 was used for all infections used in the CLEM procedure at an
MOI of 20 (Kindly provided by Dr. Kuhn, Purdue University) [99,332]. The vaccinestrain (181/23) Chikungunya virus was used for electron microscopy experiments at
an MOI of 20.
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3.3.2

Correlative light and electron microscopy (CLEM)

C6/36 cells were seeded onto sapphire discs that were previously carbon-coated
with a ﬁnder grid pattern (Electron Microscopy Sciences, Hatﬁeld, PA). This was
done to create a recognizable pattern to match the light and electron microscopy
images to each other. The carbon pattern was baked onto the sapphire discs for 24
hours at 60◦ C to prevent the pattern from being removed after the cells are overlayed.
Cells were infected with SINV nsP3-mCherry and allowed to incubate at 30◦ C for 24
hours. Prior to ﬂuorescent imaging, the MEM media was switched to Opti-MEMT M
(Thermo Fisher Scientiﬁc) with 10% FBS because it does not contain phenol red.
Live cells on sapphires were imaged by epiﬂuorescent microscopy using an Olympus
IX81 ﬂuorescent microscope to identify those cells that contained viruses (i.e. nsP3mCherry signal) and to record their position on the carbon patterned sapphire discs
(Figure 3.1a and b).
After ﬂuorescent imaging, the cells on the sapphires were immediately ﬁxed by
high-pressure freezing (Leica AFS). Freeze substitution was done in acetone containing 0.1% tannic acid and 0.2% glutaraldehyde for 24 hours at -90◦ C. The frozen
samples were washed in -90◦ C anhydrous acetone and then were placed in a solution
of 2% osmium tetroxide and 0.1% uranyl acetate in acetone and the temperature was
slowly increase from -90◦ C to -60◦ C over 6 hours, held at -60◦ C for 6 hours, increased
from -60◦ C to -20◦ C over 8 hours, held at -20◦ C for 20 hours, increased from -20◦ C
to 0◦ C over 4 hours and ﬁnally held at 0◦ C until resin inﬁltration. Cells were embedded into Durcupan epon resin through a graded resin series. Resin-embedded cell
monolayers were hardened at 60◦ C for 24 - 48 hours.
After hardening of the resin, the sapphires were carefully removed so as not to
disturb the cell layer with a small amount of liquid nitrogen and a razor blade. The
area around the region of interest was trimmed and 90 nm thick serial sections were
cut parallel to the knife blade and placed on formvar-coated slot grids for EM analysis.
EM micrographs of mCherry-positive areas were acquired at diﬀerent magniﬁcations
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to correlate these areas with the corresponding ultrastructural features. Images were
acquired on a CM100 transmission electron microscope (FEI).

3.4

Results
One challenge with studying mosquito cells is that many of the cells in the popu-

lation will be refractory to viral infection. To overcome this limitation and to assist in
further studies of the membrane modiﬁcations caused by alphaviruses in these cells, a
method to visually sort infected cells from uninfected was required. Aedes albopictus
cells were chosen for this purpose because the majority of Alphavirus studies with
mosquito cells have been done with this cell line.
In an eﬀort to identify possible localizations of Sindbis virus replication complexes
in mosquito cells, a rough form of CLEM was used. In this case, live cell ﬂuorescence
was used to identify the location of the nsP3 viral protein which contained a cloned
mCherry tag at the N-terminus [332]. A similar approach has been previously used to
identify Hepatitis C virus-induced membranous compartments with high ﬁdelity [215].
Cells were grown on sapphires discs so that the cells could be high pressure frozen and
to make the growth of the cells less in the Z-direction (thinner cells overall). CLEM
allows the visualization of the ﬂuorescent marker indicating infection and also in the
electron microscopy can reveal the detailed ultrastructure of cells associated with the
ﬂuorescence. Having the ﬂuorescence marker also helps limit the amount of time to
identify rare events within a larger population of cells. Examples of cells from each
of the CLEM experimental steps are depicted in Figure 3.1.
In order for the same cell to be observed with both the ﬂuorescence imaging and
the electron microscopy, an identiﬁable pattern was necessary. To that end, prior to
the growth of cells, the sapphire discs had ﬁnder grids placed over them and were
coated with a thick layer of carbon from a carbon evaporator. The resulting pattern is
depicted in Figure 3.1a. This carbon layer was then baked on to prevent the pattern
from coming oﬀ in the cellular growth media. Live-cell ﬂuorescent images were taken
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(a)

(b)

(c)

(d)

Fig. 3.1. Steps in the CLEM workﬂow. (a) A sapphire grid that was
covered with a pattern from an EM ﬁnder grid. A carbon coater was
used to deposit a thick carbon layer on the sapphire. The sapphire
was heated at 60◦ C overnight to aﬃx the carbon. (b) Image from
ﬂuorescent microscope showing mosquito C6/36 cells growing on the
carbon-patterned sapphire. Cells that are infected with SINV show
the mCherry ﬂuorescence. Scale bar: 50 um. (c) Image showing
the carbon pattern on the surface of a resin block after the FS and
embedding processes. The cell layer is directly beneath the carbon.
(d) Three cells in a electron micrograph that were targeted using the
ﬂuorescent pattern seen with the live cell imaging (indicated by black
box in b). Scale bar: 10 um.

73
of the Sindbis-infected cells to establish those that were infected from those that were
not (Figure 3.1b). The infected cells were then high-pressure frozen (see Materials and
Methods for more details) promptly after ﬂuorescent imaging to minimize movement
of the cells on the sapphire.
After the cells were embedded in the resin and the sapphires were removed, then
the inverse pattern of the carbon lies on top of the cell layer. During sectioning, the
cells are cut with the knife edge parallel to the face of the sample (on face). During
electron microscopic imaging the carbon pattern on the ﬁrst few sections is matched
to the ﬂuorescent images and used to direct the imaging to only those cells that were
infected (i.e. indicated by a high amount of nsP3-mCherry ﬂuorescence).

3.4.1

Observations of vacuole structures in C6/36 cells with SINV nsP3mCherry

In mammalian cells, the ultrastructural hallmark of replication complexes is membrane spherules. These spherules are thought to ﬁrst form at the cellular plasma
membrane and these spherules are then endocytosed to form the CPV-1s during infection of mammalian cells [77]. In all the micrographs that were taken from the
SINV-infected C6/36 cells, no spherules were observed on the plasma membrane, indicating that either spherules do not form on the plasma membranes of these cells
and instead use a diﬀerent means of forming replication complexes or that the formation occurred at an earlier stage of infection that was not imaged. In these mosquito
cells, internal vacuoles had the membrane structures that appeared to be spherules
based on their relative diameter and the presence of electron density in the center
(i.e. possible RNA). For further micrographs of spherules observed in SINV-mCherry
infected C6/36 cells at 24 hpi, see Figure B.1. Some vacuoles had spherules all the
way around their entire membranes similar to those that have been seen in mammalian cells with infections of SFV [149, 151]. Interestingly, some of the vacuoles had
spherules in patches and also contained budded particles (Figure 3.2c).

74

(a)

(b)

(c)

(d)

Fig. 3.2. Trio of C6/36 cells that all showed mCherry ﬂuorescent signal
during live-cell imaging at 24 hpi. (a) Cells at lower magniﬁcation
with boxes denoting areas in b-d. Scale bar: 5 µm. (b) Vacuoles
with budded viral particles (black arrows). Scale bar: 1 µm. (c)
Internal vacuole with both budded virus (black arrows) and spherules
present (white arrows). Scale bar: 0.5 µm. (d) Nucleocapsids and
viral particles near a Golgi formation (black arrows). Scale bar: 1
µm.
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(a)

(b)

(c)

Fig. 3.3. Two C6/36 cells attached by ﬁlopodial extensions that were
identiﬁed as infected with SINV by CLEM at 24 hpi. (a) EM micrograph of C6/36 cells that has had the mCherry ﬂuorescence overlayed.
Scale bar: 5 µm. (b) Higher magniﬁcation micrograph of connection
of the two cells. Scale bar: 2.5 µm. (c) Upper panel: Vacuoles releasing viral particles into the extracellular space. Lower panel: A vacuole
between the two cells that may be getting shuttled to the other cell.
Scale bars: 1 µm.
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Classical CPV-2 structures with NCs attached to the outside of vacuoles were
observed, but very infrequently (Figure B.2). Instead, vacuoles that contained large
amounts of enveloped viral particles were observed. These can be seen in Figure 3.2b.
The majority of these vacuoles were observed near the perinuclear area and displayed
variable internal levels of viral particles. The C7-10 cells showed similar membrane
formations to those observed in C6/36 cells and were otherwise indistinguishable
(Data not shown). Some of the vacuoles that were ﬁlled with viral particles were
also observed to be in the process of dispelling their contents into the extracellular
space. In addition, two cells were observed that had ﬁlopodial extensions attaching
them together (Figure 3.3a). It should be noted that the ﬂuorescent proﬁle is for the
entire volume of the cells, but the EM micrograph is only a 90 nm thick section of
the cells. This means that the two imaging modes will not line up with each other
exactly. Within the attachment area, there was a vacuole present that was ﬁlled with
viral particles which may indicate an alternative means for mosquito cells to become
infected (Figure 3.3c, bottom panel).

3.4.2

Observations of vacuole structures in U4.4 cells with SINV nsP3mCherry

CLEM was also done with SINV-mCherry in U4.4 A. albopictus cells. In previous
work, viral proteins could not be detected in these cells by immuno-ﬂuorescence [333,
334]. Overall, these cells despite being infected at the same MOI as the C6/36 cells
a lower amount of mCherry ﬂuorescent activity was observed. Similar to the C6/36
cells there were no spherules present at the plasma membrane of the infected cells.
The majority of spherules that were observed were found scattered across several
vacuoles similar to what was observed with the C6/36 and C7-10 cells. There was
present a ”classical” CPV-1 like those routinely observed in mammalian cells. This
CPV-1 was approximately 500 nm in diameter and had spherules fully occupying the
membrane as seen in Figure 3.4b, c.
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(a)

(b)

(c)

Fig. 3.4. Views of membranous structures in U4.4 that show viral
modiﬁcation by SINV-mCherry. (a) Vacuoles present in U4.4 cell.
Scale bar: 1 µm. (b) Higher magniﬁcation of area in U4.4 cell. CPV1 denoted by asterisk and budded viral particles indicated by white
arrows. Scale bar: 0.5 µm. (c) Zoomed view of CPV-1 structure in the
cell from a and b. Note that there are densities inside the spherules
that may be the viral RNA. Scale bar: 0.1 µm.
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3.4.3

Membrane structures with C6/36 cells infected with CHIKV

Infection and imaging were also done with the CHIKV vaccine strain at both
12 hpi and 24 hpi, although since this virus did not have a cloned in ﬂuorescent
tag the CLEM procedure could not be utilized. Identiﬁcation of infected cells with
this virus was more time consuming as a result. Spherules were found scattered
throughout various internal vacuoles and were similar in size to those observed in
with the ﬂuorescent tagged SINV (Figure 3.5). All of these spherules were in general
grouped with others, but there were cases of individual spherules being the only one
present in a vacuole (Figure 3.5d). Similar to the other subclones there was budding
of nucleocapsids into internal vacuoles, though there were no vacuoles observed that
were entirely ﬁlled with viral particles.

3.5

Discussion
We have shown that through the use of CLEM virus-induced membrane structures

(i.e. spherules and virally packed vacuoles) can be more readily detected than through
typical EM screening, as well as, providing insight into possible rare membranes
structures that are formed during an alphavirus infection. The use of high-pressure
freezing also allowed for the better preservation of the membranes than seen with the
conventional chemical ﬁxation of cells. Additionally, a CPV-1 structure was observed
for the ﬁrst time in a U4.4 mosquito cell that was infected with SINV. Since the U4.4
cell line is believed to be closer physiologically to an in situ cell in a mosquito, this
observation indicates that during an actual infection of a mosquito that the primary
cells that are being infected may form CPV-1 membrane structures as well.
As previously seen, spherules were observed only on the internal vacuolar structures and were not present at the plasma membrane for all the mosquito cell subclones
regardless if they were infected with SINV or CHIKV (Figures 3.2 and 3.4) [284]. Although only the C6/36 cells were infected with CHIKV, it is assumed that if U4.4
cells or C7-10 cells were infected with this virus that the same trend would be ob-
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(a)

(b)

(c)

(d)

Fig. 3.5. Observations of C6/36 cells infected with CHIKV vaccine
strain at 12 hpi. (a) Interior vacuole with CHIKV-induced spherules.
Scale bar: 250 nm. (b) Vacuoles with scattered spherules in a diﬀerent
cell from the one in a. Scale bar: 0.5 µm. (c) Higher magniﬁcation
of spherules from a. Scale bar: 100 nm. (d) Higher magniﬁcation of
spherules from b. Scale bar: 200 nm.
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served. Fluorescent studies with nsP3-variant strains of CHIKV identiﬁed nsP3 in
foci in U4.4 cells during early times in infection indicating that replication complexes
are not formed at the plasma membrane, though not all of the foci may be replication
complexes because nsP3 has been shown to localize to other areas in cells besides
replication complexes in both mosquito and mammalian cells [335]. Based on all of
this information, it is assumed that the initial formation of the spherule structures
will occur on the internal vacuoles ﬁrst. It is unknown if there is a particular subset
of internal vacuoles that are conducive to spherule formation or if it is a stochastic
process. It is assumed that the nsP1 protein is responsible for attachment of the
other alphavirus nonstructural proteins to cellular membranes to form the replication
complex and subsequently membrane spherules.
In several of the observed cells that had both spherules and viral particles present,
nucleocapsids were also observed opposed to the site where the spherules met the
cytoplasm. This was seen with both SINV and CHIKV. Spherules have been characterized to have neck-like structures that connect their internal contents to the cell
cytoplasm. Since spherules are the sites of genomic replication, assembly of the nucleocapsids may be occurring directly outside the spherule. Then the nucleocapsids
are able to bud directly into the same vacuolar membrane that the spherules are on if
there are suﬃcient glycoproteins present. So instead of the two processes occur at two
diﬀerent membranes sites in the cell, both replication and assembly occur spatially
near each other.

3.5.1

Remaining questions and future directions

It still remains unclear the exact steps of how an alphavirus infection progresses
through a mosquito cell. There is evidence that the replication complexes do not form
on the plasma membrane, but instead form directly on vacuoles within the cell [284].
This represents a large departure from how the process of spherule and later CPV-1
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formation occurs in mammalian cells [151]. Many of the cellular components that are
involved in this process still remain to be deduced.
CLEM as an imaging tool continues to advance and more methods are being
developed. Additionally, there are newer CLEM methods that are beginning to move
into 3D. These are particularly useful for studying virus-cell interactions because there
is the potential quantitatively study the dynamics involved in forming replication
complexes and understanding what cellular proteins are involved. Studies of this sort
have been used to establish discrete steps in the entry and early post-entry of HIV
and could be applied in a similar manner to study replication complex formation in
alphaviruses in mosquito cells [336].
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4. WHOLE-CELL ELECTRON TOMOGRAPHY OF A
SINDBIS VIRUS-INFECTED BHK MAMMALIAN CELL
4.1

Summary
Electron tomography (ET) has allowed illumination of 3D cellular structures at

multiple resolution levels. Whole cell electron tomography (WC-ET) or cellular tomography allows for the acquisition of the entire contents of a cell in a transmission
electron microscope. The WC-ET technique permits the generation of morphometric
information (e.g. membrane surface area, compartmental volume) and a 3D spatial map that can give insight into pathways and mechanisms of virus infections, as
well as, identifying morphologically how a cell may respond to a viral infection by
changing organelle distributions, localizations, and/or topologies. The ultimate goal
of imaging larger areas of cells is to develop parameters that would allow visualization of higher resolution 3D data, such as crystal structures, in the context of larger
macromolecular assemblies and even how those assemblies ﬁt into the larger network
of cellular organelles. This work provides the ﬁrst time a mammalian BHK cell has
been imaged with electron tomography at the cell level, while still maintaining a fairly
high resolution. While this study did not ultimately lead to new insights into how
an Alphaviral infection progresses and inﬂuences membrane changes in mammalian
cells, it illustrates two methods towards higher volume imaging without sacriﬁcing
resolution.

4.2

Introduction
Many of the advances in cell biology have been linked to new innovations in

microscopy. Transmission electron microscopy (TEM) has allowed great insight into
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the context of biological processes in cells and how various organelles are organized
morphologically since it was ﬁrst introduced by Ernst Ruska in the early 1930s. A
drawback of conventional TEM is that the data obtained is 2D which can obfuscate
whether or not associations between biological elements are actually occurring. 3D
imaging methods represent the next stage of microscopic innovation and allow better
visualization of biological features. Much progress in protein structure has been
made through the use of Cryo-EM. In Cryo-EM, involves the vitriﬁcation of a protein
particle solution (maintains native structure) that then has a series of many 2D
images acquired at a high resolution. The subsequent acquired 2D images are used
to reconstruct a 3D model of the protein structure in question, by averaging together
the many orientations of the protein. A drawback of this technique, however, is
that the there must be multiple copies of the structure of interest for generation
of the 3D reconstruction. Unlike protein structures, organelles have more possible
arrangements and lack regular symmetry that could be used to reconstruct. It is due
to their irregularity that a diﬀerent 3D imaging scheme is required.
Electron tomography (ET) is one of these 3D methods that can provide insight
into structural biology at the cellular level. Additionally, it can help bridge the
resolution gap between light microscopy and higher resolution protein methods particularly when larger volumes are collected. The ET technique permits the generation
of morphometric information (e.g. membrane surface area, compartmental volume)
and a 3D spatial map that can give context into how spatially linked certain viral
mechanisms are such as replication and assembly.
While much insight into how viral processes that occur in cells can aﬀect cellular
membranes has been examined for many viruses (see Chapter 1, Table1.1), those
studies are limited in their scope to a small percentage of the volume of a cell (<1%)
due to the technical diﬃculties involved with high-resolution tomography of cells. In
fact, in a survey of tomograms generated from virally-infected cells, the majority of
volumes generated were approximately ∼0.1% of a cell if the cell is assumed to be
approximately 2000 µm3 [278]. This highlights that most of the available 3D data on
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virus-induced membrane structures are from very small samplings and are generally
those that were the most apparent.
When viruses enter cells they go through a discrete set of events. Sindbis virus is
one of the prototype viruses for alphaviruses. For this study, an early timepoint (6
hpi) was chosen so that the observation of CPV-1s and plasma membrane spherules
could be made. It is at this stage that replicative processes with Sindbis virus are
thought to peak at least in mammalian cells. Here we present an ET reconstruction
of an entire SINV-infected BHK cell at 6 hpi for the ﬁrst time.

4.3

Materials and Methods

4.3.1

Cells and virus infection

Baby hamster kidney cells (BHK-21) were grown in DMEM supplemented with
10% (v/v) fetal bovine serum at 37◦ C with 5% CO2 . Cells were infected with the
Toto64 strain of SINV at an MOI of 20 [99]. The virus was diluted in PBS and added
on top of cell monolayers. The cells with the virus dilution were rocked at rt for one
hour and then had the same media that was used to grow the cells was overlaid. The
infected cells were placed at 37◦ C for 6 hours.

4.3.2

High-pressure freezing and freeze-substitution

Prior to cryo-ﬁxation, infected cells were pelleted in 20% bovine serum albumin
(BSA). Cell suspensions were frozen in a Leica EM PACT2 high-pressure freezer. The
frozen BHK cells were processed by an AFS2 automatic freeze-substitution system
(Leica) using 0.1% tannic acid and 0.2% glutaraldehyde in acetone at -90◦ C for 24
hours. Cells were washed with cold acetone 3 times and transferred to a 2% osmium tetroxide in acetone solution. From there, the temperature was increased in
increments of 5◦ C/hour to -60◦ C. The temperature was held there for 6 hours. The
temperature was raised by the same increment to -20◦ C where it was held for 16
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hours. The BHK cells were warmed 0◦ C and remained at this temperature for 8
hours.
Finally, the BHK cells were washed 3 times with cold acetone and inﬁltrated
with a graded Epon-Araldite resin series (Sigma-Aldrich, St. Louis, MO, USA) with
acetone (30%, 60%, 90%, and 100% without the presence of the resin activator for 4
hours each). A ﬁnal embedding in 100% resin with activator was done at 60◦ C for
24 48 hours to polymerize the resin. Ribbons of 500 nm sections were cut using a
UC7 ultramicrotome (Leica) and were collected on LUXFilm coated copper slot grids
(Luxel Corp. Friday Harbor, WA, USA), post-stained with 2% aqueous uranyl acetate
and Satos lead, and carbon coated to minimize charging in the microscope. Colloidal
gold ﬁducials (20 nm) were added to both sides of the sections to aid in subsequent
image alignments and tomogram generation. Larger than normal size ﬁducials were
used to allow easier identiﬁcation in the tilt series to ensure a better alignment of the
images, as it has been previously observed that tracking of smaller ﬁducials (10 nm)
was diﬃcult at lower imaging magniﬁcations [256].

4.3.3

Electron tomography of SINV-infected BHK cells

Sections were irradiated prior to image collection at a low magniﬁcation (200x) for
10 min. at 0◦ tilt to ensure that the sections had collapsed before imaging commenced
and would remain stable throughout the image acquisition. Sets of montaged (2 x 2)
2D images were acquired at 3,800x magniﬁcation (pixel size: 2.33 nm) on a 4K Gatan
charge-coupled device (CCD) on an FEI Titan Krios microscope operated at 300 kV
using automated methods for tilting at 2◦ increments over an angular tilt range of 60◦
and image acquisition using the program SerialEM [275, 276]. The 2D image series
were brought into register with one another for each tilt series in Etomo by crosscorrelation, and then more precisely by using a ﬁducial marker model to solve for the
localized distortions over the large area [277]. Tomograms were computed from the
aligned tilt-series images by R-weighted back projection [242, 247, 337]. After all of
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the 28 individual tilt series were reconstructed the individual tomograms were joined
to form a ﬁnal volume spanning approximately 23 µm x 21 µm x 14 µm. The time
course for tilt series data collection was approximately 2 days.

4.3.4

Scanning transmission electron microscopy (STEM)

Sections were prepared in the same manner as those used for ET (see above).
The selected cell section was imaged on a Zeiss GeminiSEM 300 microscope. The
ﬁnal tilt series was reconstruction using Etomo similarly to the traditional ET data
reconstruction [242].

4.3.5

Segmentation and 3D analysis

Selected organelles within the imaged volume were segmented and viewed with the
IMOD software package [247]. The entire nucleus was modeled by segmenting every
tenth slice and using the interpolation tool in the software. Other organelles such as
mitochondria and vacuoles were counted by using a single contour and represented
only one object. While some of the ER was segmented the connections between the
various ER layers proved too complex to segment in a reasonable amount of time.

4.4

Results
The ﬁrst challenge with using conventional electron tomography for the imaging

of a whole cell is the physical limitations of the imaging area of a grid. LUXFilm
copper slot grids were used because they have good stability in the electron beam
and have a fairly large imaging area (2 x 1 mm). Additionally, the size of the cell
to be imaged needs to be considered in not only the X and Y dimensions but the Zdimension as well. The penetration of electrons through a sample is generally limited
to approximately 1 µm in depth and at the high tilts the sample thickness is doubled
so 500 nm is the outside limit.
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Fig. 4.1. Imaged 2 x 1 mm copper slot grid with 47 sections of epoxyembedded mammalian BHK cells. This image was created using the
mapping feature of SerialEM [275] with a 4K Gatan CCD on a Titan
Krios microscope operated at 300 kV.

In order for a cell of this size to ﬁt on one grid serial sectioning is required. The
previously imaged beta-insulin cells were approximately 650 µm3 in volume [256].
Fibroblast cells have an estimated volume of 2,000 µm3 [278]. In order for a cell of
this size to ﬁt in the slot of the grid, then fairly thick sections are required (500 nm).
A depiction of cellular sections on a grid is shown in Figure 4.1. In addition, the
starting surface area of the block face when performing serial sectioning needs to be
very small in order to ﬁt an appropriate amount of sections on a grid in order to
encompass an entire cell. In general, it was observed that most BHK cells required 24
to 32 serial 500 nm sections to encompass them completely. For the collection of this
speciﬁc BHK cell infected with SINV, a total of 28 sections were required, but during
screening, many of the other candidate cells were much larger and therefore required
more sections to encompass (Figure 4.2). Also, after reconstruction and alignment of
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Fig. 4.2. Image series of serial sections of an entire BHK cell infected
with SINV at 6 hpi (MOI 20). Cells were high pressure frozen after
infection and were then freeze substituted with 0.1% tannic acid, 0.2%
glutaraldehyde, 1% osmium tetroxide (OsO4 ), and 1% uranyl acetate.
The sample was inﬁltrated with epon resin and hardened at 60◦ . 500
nm serial sections were cut from the resulting resin block with an
ultramicrotome. Sections were post-stained with 2% uranyl acetate
and Sato’s lead to enhance contrast [271]. Scale bar: 2µm.
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each of the volumes, they were joined to each other by ﬁrst combining seven sets of
four volumes together and then joining the seven sets of four to create a ﬁnal volume
of approximately 23 µm x 21 µm x 14 µm.

Fig. 4.3. Overview of the imaged whole cell SINV-infected BHK volume. In the main panel depicts a slice in the X/Y dimensions. The
top panel is the X/Z axis and the right panel is the X/Y axis. This
volume was generated by joining together 28 serial section tomograms
(see Figure 4.2). Scale bar: 5 µm.
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Within the tomographic volume, indications of viral infection were sought out.
One of these indicators is the presence of spherules. Spherules are membrane invaginations that occur on the plasma membrane and on internal endosomal and lysosomal membranes in cells that have been infected with Alphaviruses [149]. Spherules
are thought to house the replicative machinery of the virus and may also serve to
condense the components necessary for replication, prevent the interference of different viral processes, and to shield the dsRNA intermediate from the host cell defenses [149, 150, 338]. Thus, spherules can stand as structural markers for replication. During the examination of the volume, spherules were observed at the plasma
membrane of the cell and appeared as small vesicles. There was no indication of a
preference of the spherule formations for one particular area of the cellular membrane
as has been noted previously, however in that study the cells were grown on sapphires
and here the cells were not [155]. It may be due to the pelleting procedure that the
cells lost their membrane polarity.
Cellular vacuoles were also investigated for the presence of spherules. Out of the
cellular vacuoles investigated, 12 appeared to have membrane structures that were
appropriately sized (approx. 50 nm) for spherules (Fig. 4.4c,d). In addition, there
were spherule-like structures in some of these vacuoles that were not attached to the
membrane of the vacuoles which may represent inactive spherules that detached from
the membrane (Data not shown). There appeared to be no explicit localization for
these vacuoles.

4.4.1

Segmentation challenges

While some of the more prominent organelles, such as the nucleus, were readily
identiﬁable and had clear delineations between the outer membrane and the cytoplasm the majority of structures proved to be quite complex in their arrangements.
Particularly, the rough endoplasmic reticulum while easily discerned from the cytoplasmic background proved too complex to follow across sections with ﬁdelity (Figure
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(a)

(b)

(c)

(d)

Fig. 4.4. Examples of morphologies and sizes of organelles in SINVinfected whole cell BHK at 6 hpi. (a) Rough endoplasmic reticulum is
observed wrapping around a vacuole. Scale bar: 1 µm. (b) Portions
of Golgi stacks near the nucleus Scale bar: 1 µm. (c-d) Vacuoles that
exhibit CPV-1 appearance because of the presence of spherules. Scale
bars: 500 nm.
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4.4a). Indeed, one of the main issues with large volume tomography at lower pixel
sizes was the alignment of the tomographic volumes to one another. This is best
illustrated by the X/Z and Y/Z views in Figure 4.3.

4.4.2

Alternative imaging method

While many of the organelles in the cell were readily apparent in the tomographic
volume (ER, Golgi, nucleus, etc.) the imaging resolution was still too low to distinguish all components of the virus, such as nucleocapsids, from the cytoplasmic
background while still keeping the entire cell in the ﬁeld of view. With the goal of
ﬁnding an imaging method where both the visualization of the nucleocapsids could be
achieved while still imaging the area of an entire cell, a test section of a SINV-infected
BHK cell was imaged with scanning electron tomographic microscopy (STEM). While
the overall time involved in acquiring a STEM dataset is longer than what occurs with
ET, the resolution was much improved. The result of the imaging is shown in Figure
4.5. From this, we were able to distinguish not only nucleocapsids in the cell volume
but they were easily distinguishable from cytoplasmic ribosomes, as evidenced by the
size diﬀerence between those on the ER and the free NCs in Figure 4.5c. Additionally,
the overall contrast in the resulting tomogram was better most likely due to a higher
signal-to-noise (SNR) ratio.

4.5

Discussion
In this study, the imaging of an entire SINV-infected cell was demonstrated

through serial sectioning and montage electron tomography. These methods were
employed to encompass the volume of an entire BHK cell at a reasonably high resolution. This study represents the ﬁrst time a BHK cell has been imaged through
electron tomography. A volume of 23 µm x 21 µm x 14 µm dimensions was collected
which represents one of the largest volumes of a viral-infected cell collected using electron tomography. However, due to the overall noisiness of the data and the signiﬁcant
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(a)

(b)

(c)

(d)

Fig. 4.5. Images from a SINV-infected BHK cell that was imaged
using scanning transmission electron microscopy (STEM) and tomography. (a) Overall image of a cellular section of an entire BHK cell.
Scale bar: 5 µm. (b) More magniﬁed region of cell showing the RER
and various vacuoles. Scale bar: 2 µm. (c) Further magniﬁed region
from (b) with a large clustering of what appears to be SINV nucleocapsids (NC). Scale bar: 1 µm. (d) Another region of cell showing NC
interaction with cellular vacuoles. Scale bar: 1 µm. STEM tomograph
generated by Dr. Sebastien Phan of UCSD.
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amount of time required to segment data of this type an alternative imaging mode
was sought that would increase the overall image resolution and the image contrast.

4.5.1

Alternative large-volume methods

While straightforward during the imaging stage, serial-section whole cell electron
tomography has many limitations during sample preparation and the resulting reconstructions have some information missing, due to the missing wedge issue [339].
Additionally, during analysis the data is nonisotropic, with the X/Y dimensions, in
general, having the same value, but the Z dimension is usually less. Scanning transmission electron microscopy (STEM) tomography can give better contrast and resolution than conventional transmission electron tomography because since the imaging
occurs in a raster fashion the entire tilted area image is in focus versus only the center
area of the tilt being in focus [340]. An additional advantage of STEM is that thicker
specimens can be imaged without loss of signal [341]. Since all of the tilt area is
imaged in focus then the reconstruction of the tilt stack is much easier and has higher
ﬁdelity than with traditional electron tomography.
Another type of alternative imaging method for large volumes involves the utilization of the scanning electron microscope (SEM). Unlike TEM, SEM uses a focused
electron beam that scans the sample surface in a raster fashion, the voltage is lower
because there is no need to deeply penetrate the sample with the electron beam, and
the sample does not need to be thin. Large volume imaging involving SEM generally
involves the automated removal of specimen layers inside the SEM, then the exposed
layer is imaged at high resolution.
There are currently two ways to remove layers oﬀ of specimens. First, through
serial block face sectioning (SBF). SBF is essentially a conventional microtome that
is present inside the microscope chamber that will remove layers oﬀ the sample each
time before imaging occurs [342–344]. Generally, the thickness of these sections can
be as small as 30 nm in the z-dimension, but smaller (10 nm) sections have been
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demonstrated in an eﬀort to make the resultant data isotropic in 3D [345]. The size
of the block face is limited to t̃en microns. The second method of removing layers
from a sample involves using a focused ion beam that erodes the sample away inside
the SEM chamber.
The ﬁnal alternative method combines conventional serial sectioning with SEM
and is referred to as array-SEM [345–348]. With this method, the sectioning can be
processed prior to the SEM imaging. One approach to this method even involves
applying the sections to a tape substrate before mounting them for SEM imaging
[346, 349]. Unlike the other methods, the sections are thicker but have the advantage
of being able to be screened before collection of the ﬁnal data.
Based on all of the possible volume imaging methods and the results of this study,
we think that STEM represents the best method for whole-cell studies. The utility
of STEM is two-fold. Firstly, the preparation of the sample can be done by the
same means as those for typical electron tomography. Preparation this way allows for
investigation of the target cell by normal TEM prior to the more time and monetarily
consuming process of volume collection. Screening of cells before volume collection
prevents the collection of datasets that contain sample artifacts or do not meet the
study requirements. Secondly, the resolution of the ﬁnal volume is signiﬁcantly better
because instead of just the areas closest to the tilt axis being in focus during collection,
the area of an entire tilt is in focus. This is particularly helpful with imaging the high
tilts (±60◦ ), where the practical thickness of the sample is double the thickness at no
tilt.

4.5.2

Future directions

The next step with this type of study would be to establish a temporal model for
the progression of Sindbis virus in a whole-cell context. This could give more insight
into possible roles of other organelles in the formation or maintenance of replicative
complexes. Previous TEM studies with Rubella virus (Rubivirus) and Semliki Forest
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virus (Alphavirus) noted that the rough endoplasmic reticulum appeared to associate
with the CPV-1s, but it is unknown whether this association is required and if so,
how that association could relate to the replication cycle [149, 207, 228, 234]. How
extensively alphaviruses modify cellular membranes throughout the course of an infection in the context of an entire cell and how similar/diﬀerent those changes are
between diﬀerent alphavirus groups still remains to be determined. Additionally, as
automated segmentation methods continue to be developed data of this type will be
useful for testing the ﬁdelity of the segmentation [350]. As of now, segmentation to
enable analysis of these types of datasets is still the most signiﬁcant bottleneck in the
entire process.
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and L. Kääriäinen, “Membrane binding mechanism of an RNA virus-capping
enzyme.” J. Biol. Chem., vol. 275, pp. 37 853 – 37 859, (2000).
[32] P. Spuul, A. Salonen, A. Merits, E. Jokitalo, L. Kääriäinen, and T. Ahola,
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A. ADDITIONAL FIGURES AND TABLE FOR
CHAPTER 2
This appendix includes additional ﬁgures from Chapter 2. These ﬁgures show alternative views for many of segmented structures that have been discussed. These
ﬁgures are intended to help the reader to visualize the data as 3D, instead of 2D.
Table A.1.
Golgi cisternae measurements for Golgi A and B.
Cisternae

Volume (µm3 )

Surface area (µm2 )

SA:V (µm−1 )

A1

2.38 x 104

1.22 x 103

5.12 x 10−2

A2

2.55 x 104

1.46 x 103

5.73 x 10−2

A3

1.66 x 104

1.57 x 103

9.45 x 10−2

A4

1.67 x 104

1.41 x 103

8.44 x 10−2

A5

1.54 x 104

1.01 x 103

6.55 x 10−2

A6

2.66 x 104

1.82 x 103

6.84 x 10−2

Golgi A Total

1.25 x 105

8.48 x 103

4.21 x 10−1

B1

6.47 x 104

2.99 x 103

4.63 x 10−2

B2

7.17 x 104

5.24 x 103

7.31 x 10−2

B3

1.94 x 104

1.89 x 103

9.73 x 10−2

B4

2.38 x 104

2.14 x 103

8.97 x 10−2

B5

2.24 x 104

1.94 x 103

8.66 x 10−2

B6

3.11 x 104

2.27 x 103

7.31 x 10−2

Golgi B Total

2.33 x 105

1.65 x 104

4.66 x 10−1
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(a)

(b)

(c)

(d)

Fig. A.1. Examples of membrane preservation with the chemical preﬁxed high-pressure freezing prepared wt CHIKV infected BHK cell at
24 hpi. (a-b) Mitochondria Scale bars: 500 nm. (c-d) CPV-2 Scale
bars: 200 nm.
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(a)

(b)

(c)

Fig. A.2. State of Golgi membranes in wt CHIKV-infected BHK cell
at 24 hpi. In the entire volume collected there were no Golgi cisternae
present that resembled the normal ﬂat sheets of an uninfected Golgi.
(a-c) Tomographic slices of Golgi membranes that are approximately
10 slices apart from each other. Scale bars: 500nm.

127

(a)

(b)

(c)

(d)

Fig. A.3. Overview of collected volume area in the EM density in
Cell 2 and views of Golgi C. (a) BHK cells were infected with the
vaccine strain CHIKV for 12 hours, high-pressure frozen, and freezesubstituted according to protocol laid out in the methods in Chapter
2. Image shows the X-Y in the main panel, X-Z in the above panel,
and Y-Z in the right panel. Scale bar: 1 µm. (b-d) Higher zoom of the
area in (a) with (c) being the same slice as in (a) and the views in (b)
and (d) at approximately 10 slices plus or minus in the tomographic
volume. Scale bar in (b-d): 500 nm.
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(a)

(b)

(c)

(d)

(e)

(f)

(g)

(h)

(i)

Fig. A.4. Additional views of cisternae from Golgi A. (a-c) Cisterna
A1 viewed from the front, back and top, respectively. Additional
cisternae, A2 (d-f) and A3 (g-i) correspond to the colors depicted in
Fig 2.2.
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(a)

(b)

(c)

(d)

(e)

(f)

(g)

(h)

(i)

Fig. A.5. Additional views of cisternae from Golgi A. (a-c) Cisterna
A4 viewed from the front, back and top, from left to right. Additional
cisternae A5 (d-f) and A6 (g-i) correspond to the colors depicted in
Fig 2.2.
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(a)

(b)

(c)

(d)

(e)

(f)

(g)

(h)

(i)

Fig. A.6. Additional views of cisternae from Golgi B. (a-c) Cisterna
B1 viewed from the front, back and top, respectively. Additional
cisternae B2 (d-f) and B3 (g-i) correspond to the colors depicted in
Fig 2.7.
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(a)

(b)

(c)

(d)

(e)

(f)

(g)

(h)

(i)

Fig. A.7. Additional views of cisternae from Golgi B. (a-c) Cisterna
B4 viewed from the front, back and top, respectively. Additional
cisternae B5 (d-f) and B6 (g-i) correspond to the colors depicted in
Fig 2.7.
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(a)

(b)

(c)

Fig. A.8. Images from a CHIKV-Lamu strain virus infected BHK cell
at 24 hpi. (a-b) Spherules present at the plasma membrane. Note
that the spherules push out into the extracellular space. (b) Spherule
at plasma membrane along with vesicle ﬁlled with nucleocapsids. (c)
Vacuole that has spherules, but does not conform to the standard
image of a CPV-1 where the entire internal surface of a vacuole is
covered with spherules [32]. Scale bars: 200nm.
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B. ADDITIONAL FIGURES FOR CHAPTER 3
Presented here are additional ﬁgures depicting more examples of alphavirus-induced
membrane rearrangements observed through CLEM.

(a)

(b)

(c)

(d)

(e)

(f)

Fig. B.1. Further instances of spherules present in interior vacuoles
in SINV-mCherry infected C6/36 cells at 24 hpi. (a-e) As seen in
these micrographs the majority of the observed spherules had random
spacing between them. (f) Spherules that exhibit densities outside
their openings (denoted by white arrowheads) that are similar in size
to nucleocapsids. Scale bars: 100 nm.
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(a)

(b)

Fig. B.2. CPV-1 structure observed in a C6/36 cell that was infected
with SINV-mCherry at 24 hpi. (a-b) Micrographs of the same CPV-1
from diﬀerent resin sections. Scale bars: 0.1 um.
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